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ABSTRACT OF DISSERTATION 
STUDIES ON THE EFFECTS OF PLANT VARIETY AND ROOT EXUDATE 
COMPOUNDS ON THE SOIL MICROBIAL COMMUNITY 
Plants modify the soil environment through their root system, changing its physical 
properties and exuding compounds that promote or inhibit the growth of certain 
microorganisms. Therefore the structure of the soil microbial community is different in the 
rhizosphere than in the bulk soil. This dissertation introduces three research projects that 
investigated the effects of specific root exudate compounds on the soil microbial community 
structure, and plant cultivar specific differences in the rhizosphere microbiota. 
The progenitor of maize is Balsas teosinte (Zea mays subsp. parviglumis). In a 
greenhouse experiment we compared the structure and function of its bacterial and fungal 
rhizosphere community with that of domesticated corn cultivars sweet corn and popping 
corn by terminal restriction fragment length polymorphism, fatty acid methyl ester analysis, 
and soil enzyme assays. The results allude to functional and structural differences in the 
rhizosphere microbial communities of the corn varieties that could lead to useful discoveries 
on how corn domestication has altered rhizosphere processes. 
To study how root exudate flavonoids 7,4′-dihydroxyflavone and naringenin 
influence the soil bacterial community structure we constructed model systems to 
approximate the flavonoid exudation of Medicago sativa roots. Soil samples from the model 
systems were subjected to ATP assays and 16S rRNA gene amplicon sequencing. Our results 
suggest that 7,4′-dihydroxyflavone can interact with a diverse range of soil bacteria, including 
members of Acidobacteria subdivision 4, Gaiellales, Nocardioidaceae, and Thermomonosporaceae and 
may have other functions in the rhizosphere in addition to nod-gene induction in the 
legume–rhizobia symbiosis. 
Hydroxyproline is the most common amino acid in plant cell wall proteins and 
serves as an important carbon and nitrogen source for soil bacteria. We treated soil with the 
L or the D enantiomer of hydroxyproline and collected samples for 16S rRNA gene 
amplicon sequencing three and seven days after the treatment. The L- and D-hydroxyproline 
treatments induced very similar responses in the bacterial community structure, but there 
were several differentially abundant groups. Our results inform about the role of 
hydroxyproline in shaping the soil microbial community in the rhizosphere and about the 
catabolism of its enantiomers in the soil. 
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CHAPTER 1: COMPARISON OF RHIZOSPHERE MICROBIAL COMMUNITIES OF 
BALSAS TEOSINTE AND DOMESTICATED CORN CULTIVARS 
The content of this chapter is part of the publication Márton Szoboszlay, Julie Lambers, 
Janet Chappell, Joseph V. Kupper, Luke A. Moe, David H. McNear Jr. Comparison of root 
system architecture and rhizosphere microbial communities of Balsas teosinte and 
domesticated corn cultivars. Soil Biology & Biochemistry. 2015; 80: 34–44. 
Introduction 
Maize domestication began 9000 years ago in the early Holocene or late Pleistocene 
period. Archeological and genetic data suggests that the domestication processes proceeded 
in the central Balsas River valley in Mexico. Genetic studies have pointed to Zea mays ssp. 
parviglumis, commonly known as Balsas teosinte, to be the wild ancestor of modern corn 
(Doebley 2004). Due to human selection for favorable food and seed traits, the 
domestication process has led to altered shoot architecture of Balsas teosinte and 
modification of the reproductive organs (Doebley 2004). 
Crop breeding traditionally puts emphasis on above-ground traits; however, below 
ground properties are equally important. The root system explores the soil to scavenge 
nutrients and water. The ability of a plant to mine nutrients from the soil depends on its 
uptake systems and the conversion of less plant-available nutrients to more accessible forms. 
These factors are influenced by the rhizosphere microbiota and its interactions with the 
plant (Wissuwa et al. 2009). Several recent studies investigated whether the rhizosphere 
microbial community shows characteristics specific to corn variety: Picard et al. (2008) found 
differences in how two inbred maize lines and their hybrid stimulate the populations of 
antibiotic producing bacteria, diazotrophs and arbuscular mycorrhizal fungi in the soil. In a 
field experiment Aira et al. (2010) demonstrated that corn genotype can have significant 
effect on the microbial community structure in the rhizosphere. In accordance with these 
findings Bouffaud et al. (2012) were able to show differences in the composition of the 
rhizosphere microbiota of ten maize cultivars representing the five major genetic groups of 
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corn lines. Similarly, comparing 27 inbred lines Peiffer et al. (2013) concluded that plant 
genotype has a significant influence on the bacterial diversity in the rhizosphere. 
These findings suggest that breeding new varieties had significant effects on the 
characteristics of the corn rhizosphere and raise the question to what extent do the 
belowground traits of modern cultivars differ from their ancestor's, Balsas teosinte. In their 
review Wissuwa et al. (2009) raised the concept that developing modern crop cultivars in 
highly fertilized agricultural environments may potentially result in the loss of beneficial 
plant–microbe interactions and in the decrease of the efficiency of plant nutrient acquisition. 
Comparing the rhizosphere characteristics of Balsas teosinte with domesticated maize 
varieties can reveal if this was the case during corn domestication, and may assist with the 
development of new cultivars more efficient in nutrient acquisition, abiotic or biotic stress 
tolerance. 
In this study we examined the hypothesis that Balsas teosinte has a structurally and 
functionally different rhizosphere microbial community than domesticated cultivars. Balsas 
teosinte and two domesticated maize lines were grown in a greenhouse and the structure and 
function of their rhizosphere microbiota were compared using terminal restriction fragment 
length polymorphism, fatty acid methyl ester analysis and enzyme assays. 
Materials and methods 
Maize cultivars and teosinte 
Seeds from the following three maize varieties used in this study were obtained from 
the North Central Regional Plant Introduction Station, Ames, Iowa: Zea mays subsp. 
parviglumis accession PI 384071 (Mexico, Guerrero, pit name Wilkes 10), a wild collection of 
Balsas teosinte, in the following referred to as teosinte. Zea mays subsp. mays accession PI 
494083 (Chile, pit name Amarillo dulce (yellow sweet corn)) open pollinated population. In 
the following this cultivar is referred to as sweet corn. Zea mays subsp. mays accession PI 
542713 (Nebraska, pit name YPI LFWS(1)), also a population, in the following referred to as 
popping corn. This cultivar was selected for resistance against Stewart's bacterial wilt (Pantoea 
stewartii (Smith)). 
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Soil properties 
Soil was prepared by mixing two parts 2 mm sieved, air dried Maury Silt Loam soil 
(fine, mixed, semiactive, mesic Typic Paleudalf) collected from the surface 30 cm of a fescue 
pasture at Spindletop Farm, Lexington KY, and one part perlite (Therm-O-Rock West Inc., 
Chandler, AZ). The perlite in the growth medium served to aerate the soil and provide 
adequate drainage. Samples from the Maury Silt Loam were sent to the University of 
Kentucky Regulatory Services Soil Testing Laboratory for analysis of basic soil properties 
(http://soils.rs.uky.edu/tests/methods.php). 
The soil was classified as a silt loam (14% sand, 72% silt, 14% clay) with 4.11% 
organic matter content, CEC of 19.64 meq 100 g-1, base saturation of 38.03% and a pH of 
5.22. Total N was found to be 0.231%, and Mehlich III extractable (mg kg-1) P, K, Ca, Mg 
and Zn were 76.5, 60, 1173, 160.5, and 3.1, respectively. 
Plant growth conditions and rhizosphere sampling 
Five seeds of each cultivar (teosinte, popping corn and sweet corn) were individually 
planted in 15 cm, 2 L black plastic pots at a depth of 1 cm. Pots were filled with soil and 
maintained at 75% field capacity for two weeks prior to planting. Immediately after planting, 
200 ml of water was supplied to each pot. The plants were watered 3 times a week, with 
equal amounts of nutrient (Floragro 2-1-6, pH 6.5) supplementation at every third watering. 
The amount of water or nutrients added to the pots increased from ~50 ml to ~200 ml three 
times per week as the plants grew larger. The cumulative amount of water needed to reach 
V8 growth stage for a 113 day corn hybrid (for example) in Kentucky is equal to ~5.5 inches 
(personal communication, Dr. Chad Lee UK extension agronomist) which equates to ~2474 
cm3 (i.e. π(7.52 cm)2 x 14 cm), or ~2.5 L for the pots used in this study. Over the duration of 
the study ~3 L of water on average was added per pot which, according to these 
calculations, is a sufficient amount to ensure that the plants did not experience stress due to 
drought or water-logging. Five unplanted pots containing the soil-perlite mixture served as 
controls each receiving 100 ml of water 3 times a week with equal amounts of nutrient 
supplementation every third watering which was sufficient to maintain the pots at ~75% 
water holding capacity. Maize and control pots were arranged randomly into rows on a table 
in the greenhouse. The plants received 14 h of light per day and the temperature was set to 
25 ± 3°C during the day and 21 ± 3°C at night. 
4 
 
Soil samples were collected at the V8 corn growth stage 41 days post germination. By 
this time each plant had developed a dense root system that occupied the entirety of the pot; 
thus, we assume that the entire soil mass in the pot was under the direct influence of the 
plant and can be regarded as rhizosphere. Plants were removed from the pots and the 
rhizosphere soil was separated from the root system by vigorous shaking inside a sterile 
plastic bag. Remaining segments of root material were removed before the collected soil was 
homogenized by sieving (2 mm). Aliquots (50–75 g) of soil were placed in sterile plastic bags 
and frozen in liquid nitrogen and stored at -20°C until analysis. 
T-RFLP analysis for examining bacterial and fungal community structure 
Terminal restriction fragment length polymorphism (T-RFLP) of the 16S rRNA 
gene was used to compare the bacterial communities and the internal transcribed spacer 
(ITS) region between the ribosomal RNA genes to examine the fungal communities in the 
soil samples. Metagenomic DNA was extracted from approximately 250 mg (wet weight) of 
soil from each sample with Power Soil DNA Isolation Kit (MO BIO Laboratories, USA). 
The target gene sequences were PCR amplified from the DNA extracts using universal 16S 
primers: FAM-labeled 27f (5'-/56-FAM/AGA-GTT-TGA-TCM-TGG-CTC-AG-3') and 
1492r (5'-GGY-TAC-CTT-GTT-ACG-ACT-T-3'); or ITS primers: FAM-labeled ITS1-F (5'-
/56-FAM/CTT-GGT-CAT-TTA-GAG-GAA-GTA-A-3') and ITS4 (5'-TCC-TCC-GCT-
TAT-TGA-TAT-GC-3'). All primers were obtained from Integrated DNA Technologies 
(USA). Each reaction contained 1.25 U Taq DNA polymerase, Taq buffer with (NH4)2SO4, 
dNTP (0.2 mM each), MgCl2 (2 mM), 2 mg BSA (all reagents from Thermo Fisher Scientific, 
USA), 5 pmol from each primer, and 1 µl from a DNA extract. Reaction mixtures were 
supplemented with nuclease-free water to 25 µl final volume. Amplification was carried out 
in a Bio-Rad My Cycler version 1.065 thermocycler. The temperature program for the 16S 
PCR was 5 min of initial denaturation at 95°C followed by 30 cycles of 30 s at 95°C, 30 s at 
55°C and 90 s at 72°C and a final extension for 10 min at 72°C. In the ITS PCR the 
annealing temperature was 52°C and the extension time was only 60 s at 72°C. Appropriate 
size of the PCR products was confirmed by agarose gel electrophoresis. PCRs were repeated 
three times from each DNA extract, and the resulting three products were mixed and 
purified with GenJET PCR Purification Kit (Thermo Fisher Scientific, USA). Absorbance at 
260 and 280 nm was measured four times from each purified PCR product with a Synergy 
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HT microplate reader using a Take3 plate (BioTek Instruments, USA). DNA concentrations 
were calculated from the readings with Gen5 1.09 software (BioTek Instruments, USA). 
We compared two restriction enzymes for both fungus and bacteria to ensure that 
our results were not biased by the selectivity of the restriction enzymes chosen. For bacteria, 
purified 16S PCR products were digested with HhaI or HpaII restriction enzymes (New 
England BioLabs, USA). Each reaction contained 10 U from one of the enzymes, 
appropriate NEBuffer with BSA and a sample from a purified PCR product containing 90 
ng DNA. Reactions were supplemented with sterile, twice-distilled water to 20 µl final 
volume and incubated at 37°C for 3 h. Restriction products were purified with Agencourt 
CleanSEQ kit (Beckman Coulter, USA) and eluted in 60 µl HiDi Formamide (Life 
Technologies, USA) mixed with GeneScan 600 LIZ Size Standard (Life Technologies, USA). 
Twenty µl product was transferred to two wells of a 96-well microplate. As a result, two T-
RFLP chromatograms were obtained from every sample with each enzyme. The one with 
higher quality was used in the data analysis. 
For fungi, purified ITS PCR products were digested with HaeIII and HinfI restriction 
enzymes (New England BioLabs, USA). Reactions contained 60 ng of DNA from a purified 
PCR product. Restriction products were purified with Agencourt CleanSEQ kit  and eluted 
in 60 µl HiDi Formamide mixed with GeneScan 600 LIZ Size Standard. Four wells of a 96-
well plate were assigned to each purified restriction product. Two were filled with 20 ml 
restriction product (high DNA concentration wells), and two with 3 ml restriction product 
and 17 ml HiDi Formamide - GeneScan 600 LIZ Size Standard mixture (low DNA 
concentration wells). 
To estimate the clustering threshold for the alignment of the chromatograms, 
multiple restriction reactions were done from one selected sample (teosinte A) to obtain 
eight chromatograms with each enzyme. Capillary electrophoresis was carried out at the 
University of Kentucky's Advanced Genetic Technologies Center in an ABI 3730 genetic 
analyzer with 48, 50 cm long capillaries (Life Technologies, USA). The running conditions 
were: run voltage 15,000 V, injection voltage 1600 V, injection time 15 s, and run 
temperature 63°C. The experiment was designed so that all restriction reactions were 
performed in parallel, all 16S or ITS purified restriction products fitted a 96-well microplate 
and all reaction products obtained with the same enzyme were run at once in the genetic 
analyzer. 
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Chromatograms were examined with GeneMapper 4.0 (Life Technologies, USA). 
Peaks smaller than 50 bp and larger than 600 bp were removed from the dataset. In our 
experience, peak areas are often difficult to precisely measure, especially if high peaks are 
close, thus partially overlap. Therefore we based our analysis on peak height values. Noise 
filtration and alignment of the chromatograms were carried out in T-REX 
http://trex.biohpc.org (Culman et al. 2009). The required parameters were estimated by 
comparing and manually aligning the eight replicate chromatograms from sample teosinte A. 
Noise filtration was performed according to Abdo et al. (2006) based on peak height values 
with standard deviation multiplier 2.5. Chromatograms were aligned using the method of 
Smith et al. (2005) with 0.55 bp or 0.60 bp clustering threshold for the 16S and the ITS 
results respectively. Peak height values were relativized to the total peak height value of the 
chromatogram. 
ITS T-RFLP chromatograms obtained from the rhizosphere samples contained a 
peak (144 bp with HaeIII and 297 bp with HinfI) considerably greater than the other peaks. 
The height of these peaks exceeded the scale of the fluorescence intensity measurement of 
the genetic analyzer in the high DNA concentration wells, but remained within scale in the 
low DNA concentration wells. We estimated the height of these peaks in the chromatograms 
obtained from the high DNA concentration wells using peak height ratios calculated from 
the chromatograms of the low DNA concentration wells of the same sample. Each 
restriction product had two high DNA concentration wells on the 96-well plate resulting in 
two replicate chromatograms. The one with higher quality, corrected with the estimated 
height of the off-scale peak was used in the data analysis. 
Fatty acid methyl ester (FAME) analysis 
Changes in the microbial community in the rhizosphere soils due to corn variety 
were also investigated using FAME analysis with the ester linked procedure according to 
Schutter and Dick (2000) with slight modification. All glassware for the fatty acid extraction 
was sterilized by baking at 280°C for 4 h. Fifteen ml of 0.2 M KOH in methanol was added 
to 3 g of each soil, vortexed, and incubated in a 35 °C water bath for 1 h, with vortexing 
every 10 min. Then 2.5 ml of 1 M acetic acid was added followed by vortexing for 10 s. The 
pH was adjusted to 7.0 with acetic acid. Ten ml of hexane was added, the samples vortexed 
and centrifuged for 20 min at 1600 rpm. The top layer of hexane was pipetted off into a test 
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tube. Five ml of the removed hexane was transferred to another tube and used in the 
remainder of the process. One hundred µl C19:0 standard was added and the tubes were 
dried under a stream of N2 (g). Tubes were then recapped and stored at -20°C until analysis. 
Prior to analysis, 200 µl of 1:1 hexane: methyl tert-butyl ether was added to the samples 
followed by gentle vortexing. Samples were analyzed on a Shimatzu Model 14-A gas 
chromatograph (Shimatzu, Japan) equipped with a Resteck Rtx-1 column (Resteck, USA) 
and flame ionization detector with He as the carrier gas. One µl of sample was injected and 
the oven temperature was ramped from 80°C to 250°C at 3°C min-1 with a detector 
temperature set at 260°C. Alignment of FAME peaks and assessment of proper column 
function were achieved by running a Supelco 37 component FAME mix (Sigma–Aldrich, 
USA) with every set of samples. Each fatty acid was expressed in nmol/g dry soil based on 
the 19:0 internal standard. 
FAME extractions resulted in the separation and identification of 63 different fatty 
acids from the soil samples. It was impossible to remove all the fine root segments from the 
collected rhizosphere soils, as such, fatty acids 14:0, 16:0, 18:0, 18:2ω6, 18:3ω3, 20:0, 22:0 
and 24:0, that are known to be abundant in corn roots, were excluded from the dataset 
(Bohn et al. 2001, Kukavica et al. 2007, Hajlaoui et al. 2009, Poerschmann et al. 2009). 
The biomass of specific microbial groups was estimated by summing the quantities 
of the following fatty acids: Gram positive bacteria – i14:0, i15:0, a15:0, i16:0, i17:0, a17:0 
(Hinojosa et al. 2005, Pothoff et al. 2006); Gram negative bacteria – 16:1ω7c, 18:1ω7t, 
18:1ω5c (Zelles 1999, D'Angelo et al. 2005, Hinojosa et al. 2005, McKinley et al. 2005, 
Pothoff et al. 2006); Gram negative sulfate reducing bacteria, Desulfovibrio – i17:1ω7, b18:1a 
(D'Angelo et al. 2005); Actinobacteria – 10Me16:0, cy17:0, 10Me17:0, 10Me18:0 cy19:0 (Zelles 
1999). Total bacterial biomass was determined by summing the Gram positive and Gram 
negative bacterial biomarker concentrations. It should be noted that classification of fatty 
acids only provides a general estimate of the specific microbial groups as some of the fatty 
acids can have broader distribution across groups (Frostegård et al. 2011). 
Extracellular enzyme assays 
The effect of corn cultivar on soil microbial function was assessed by measuring the 
potential activity of seven extracellular enzymes in the soil samples involved in carbon, 
nitrogen and phosphorus cycling. Cellobiohydrolase (CB) hydrolyzes 1,4-β-D-glucosidic 
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linkages from the non-reducing ends of cellulose molecules releasing cellobiose, while β-1,4-
glucosidase (BG) hydrolyzes glucose from cellobiose (Sinsabaugh et al. 2009). β-1,4-
xylosidase (BX) is involved in breaking down xylans, the second most abundant carbon 
compound found in plant cell walls next to cellulose. β-1,4-N-acetylglucosaminidase (NAG) 
is a chitinolytic enzyme and plays a key role in N-cycling in soils (Sinsabaugh et al. 2009). L-
leucine aminopeptidase (LAP) is also involved in N-cycling and functions to hydrolyzes the 
N terminal amino acid (notably leucine) from polypeptides in soils (Sinsabaugh et al. 2009). 
Acid phosphatase (AP) hydrolyzes phosphate from phophosaccarides and phospholipids 
(Sinsabaugh et al. 2009). Peroxidase (PER) enzymes are ubiquitous in soils using H2O2 to 
oxidize a host of materials and are expressed for defense or in response to limited N and P 
conditions in soils (Sinsabaugh, 2010). 
Potential enzyme activities were measured fluorometrically based on the protocols of 
Weintraub et al. (2007) and Saiya-Cork et al. (2002) using 4-methylumbelliferon-linked 
(MUB-linked) or 7-amino-4-methylcoumarin-linked (AMC-linked) model substrates (Table 
1.1) obtained from Sigma–Aldrich (USA). Potential PER activity was measured 
spectrophotometrically. 
Table 1.1. List of targeted enzymes with the substrates used in the assays. 
 
MUB: 4-methylumbelliferone, AMC: 7-amino-4-methylcoumarin 
Soil suspensions were prepared by adding 1 g (wet weight) of soil to 125 ml of 50 
mM, pH 6.0, sodium acetate buffer. Soil slurries were stirred for five minutes, then allowed 
to sit for one minute before 200 μl aliquots were dispensed into 96-well microtiter plates. 
The plates were prepared as follows: Standard control wells: 200 μl sodium acetate buffer 
and 50 μl standard solution (10 μM MUB, or 100 μM AMC in the case of the LAP assays). 
Enzyme Abbreviation Substrate
β-1,4-glucosidase EC 3.2.1.21 BG MUB-β-D-glucopyranoside 6.77 mg/100 ml
β-1,4-xylosidase EC 3.2.1.37 BX MUB-β-D-xylopyranoside 6.17 mg/100 ml
cellobiohydrolase EC 3.2.1.91 CB MUB-β-D-cellobioside 10.01 mg/100 ml
β-1,4-N-acetylglucosaminidase EC 3.2.1.30 NAG MUB-N-acetyl-β-D-glucosaminide 7.59 mg/100 ml
L-leucine aminopeptidase EC 3.4.11.1 LAP L-leucine-AMC-hydrochloride 6.5 mg/100 ml
acid phosphatase EC 3.1.3.2 AP MUB-phosphate 5.12 mg/100 ml
peroxidase EC 1.11.1.1 PER 0.30% m/m hydrogen peroxide
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Substrate control wells: 200 μl sodium acetate buffer and 50 μl substrate solution. Soil 
control wells: 200 μl soil slurry and 50 μl sodium acetate buffer. Quench wells: 200 μl soil 
slurry and 50 μl standard solution (10 μM MUB, or 100 μM AMC in the case of the LAP 
assays). Assay wells: 200 μl soil slurry and 50 μl substrate solution. 
Each plate contained eight replicates for the standard control and substrate control 
wells, plus eight replicates for the soil control, quench and assay wells for three samples. The 
microtiter plates were incubated in the dark at room temperature for 30 min (NAG, AP), 2 h 
(BG, BX, CB), or 24 h (LAP).  Ten μl 1.0 M NaOH was added to each well to stop the 
reaction and maximize MUB fluorescence by raising the pH beyond 10. Since fluorescence 
changes with time after the addition of NaOH, it was ensured that no more than 1 minute 
elapsed between dispensing NaOH and measuring fluorescence. Fluorescence was recorded 
using 355 nm excitation and 450 nm emission filters (8 nm bandwidth) using a Wallac Victor 
2 1420 multilabel counter. 
Net fluorescence of the assays were calculated using the average of the fluorescence 
readings from the eight replicate wells in each case using formula 1.1 and then used to 
calculate the potential enzyme activities using formula 1.2. 
(1.1) net fluorescence = 
(assay−soil control)
(quench−soil control)/standard control
− substrate control 
(1.2) potential activity (nmol g-1 h-1) =  
net fluorescence x buffer volume(ml)
emission coefficient x homogenate volume(ml) x incubation time(h) x soil dry weight(g)
 
 
The emission coefficient (fluorescence per nmol) is the average fluorescence in the 
standard control wells divided by the amount of standard in nmols in those wells (0.5 nmol 
for MUB and 5 nmol for AMC).   
For the PER assays transparent 96-well microplates were prepared as follows: 
Negative control wells: 200 μl sodium acetate buffer, 50 μl of 25 mM L-
dihydroxyphenylalanine (L-DOPA) solution (Sigma–Aldrich) and 10 μl 0.3% m/m H2O2. 
Soil control wells: 200 μl soil slurry, 50 μl sodium acetate buffer and 10 μl 0.3% m/m H2O2. 
Assay wells: 200 μl soil slurry, 50 μl L-DOPA solution and 10 μl 0.3% m/m H2O2. Each 
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plate had eight replicate negative control wells, plus eight soil control- and 16 assay wells for 
three soil samples. Plates were incubated for 24 hours in the dark at room temperature. 
Absorbance was read with a 480 nm filter (31 nm bandwidth) using a Wallac Victor 2 1420 
multilabel counter. The final optical density in the assays were calculated using formula 1.3 
and the potential enzyme activities in units of nmol h-1 g-1 were then calculated using formula 
1.4.  
(1.3) final OD = assay − negative control − soil control 
(1.4) potential activity (nmol g-1 h-1) = 
final OD x buffer volume(ml)
extinction coefficient(nmol) x homogenate volume(ml) x incubation time(h) x soil dry weight(g)
 
 
The extinction coefficient for L-DOPA was determined to be 0.0079 nmol. This 
assay measures a portion of potential phenol oxidase activity, which was not assayed 
separately to subtract from the results, as such, this is an estimation of total oxidative 
enzyme activity (DeForest 2009). 
Statistical analysis 
T-RFLP (relativized peak height values) and FAME (fatty acid concentrations 
normalized to the 19:0 internal standard) data were analyzed with non-metric 
multidimensional scaling (NMS) and multi-response permutation procedure (MRPP) in PC-
ORD 6.0 (MjM Software Design, USA). NMS was performed with Bray-Curtis distances 
using the “slow and thorough” settings of the autopilot mode: 250 runs were conducted with 
real data and with randomized data in one to six dimensions with 10-7 as the instability 
criterion to calculate final stress with each dimensionality. The appropriate number of 
dimensions was selected by adding dimensions if it resulted in a decrease of final stress by 
five or more (on a zero to hundred scale). The final ordination was produced by repeating 
the NMS with 500 maximum iterations in the selected number of dimensions using the 
random starting configuration that yielded the lowest final stress in the previous 250 runs 
with real data in the selected dimensionality. MRPP with Bray-Curtis distances was used to 
test for differences between the control, teosinte, sweet corn and popping corn T-RFLP or 
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FAME profiles. MRPP is a non-parametric multivariate method suitable for hypothesis 
testing on ecological data. The effect size is reflected in the A-values, the chance-corrected 
within-group agreement, which describe the within-group homogeneity compared to the 
random expectation. A = 1 if all samples in a group are identical and A < 0 if their 
heterogeneity is greater than what is expected by chance (McCune et al. 2002). The p-values 
were corrected for multiple comparisons by first ranking them from smallest to largest, 
multiplying by the total number of comparisons and then dividing by their rank. Diversity 
indices calculated from the T-RFLP profiles, the number of terminal restriction fragments 
(T-RFs), and the biomass of the specific microbial groups based on the FAME data were 
analyzed with ANOVA and Tukey’s HSD post-hoc tests using JMP 10.0.0 (SAS Institute, 
USA). T-RF numbers and the FAME data were log transformed prior to this analysis to 
decrease the inhomogeneity of variance in these datasets. 
The enzyme assay data were analyzed after log transformation to decrease the 
inhomogeneity of variance in the dataset. Potential enzyme activities in the control, teosinte, 
sweet corn and popping corn samples were compared using linear discriminant analysis and 
ANOVA with Tukey’s HSD post-hoc tests in JMP 10.0.0 (SAS Institute, USA). 
Results 
Bacterial and fungal community structure via T-RFLP 
Control samples yielded significantly less fungal ITS T-RFs then the rhizosphere 
samples, except for the sweet corn samples with HaeIII restriction enzyme, but no 
significant differences were found in the number of bacterial 16S T-RFs (Table 1.2). This 
indicates that the fungal communities have a lower richness in the unplanted soil as assessed 
by T-RFLP. 
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Table 1.2. Average number ± SD of terminal restriction fragments obtained from the 
control, teosinte, sweet corn and popping corn samples with the different restriction 
enzymes. 
 
Significant differences (p < 0.05 on Tukey’s HSD test on log transformed data) are indicated 
with capital letters. 
NMS plots from the bacterial 16S and fungal ITS T-RFLP profiles are very similar 
(Figure 1.1A and B). The rhizosphere samples separate from the controls indicating that T-
RFLP identified considerable differences between their bacterial and fungal communities. 
The plots show that the T-RFLP profiles from the sweet corn rhizosphere were most 
different from the control soil samples while teosinte samples appear somewhat closer and 
popping corn samples are the closest. Accordingly, the control - sweet corn comparison with 
MRPP yielded the highest A-values followed by the control - teosinte comparison, while the 
popping corn - control comparison gave considerably lower values (Table 1.3). A-values in 
the pairwise comparisons of the rhizosphere samples are lower compared to those from the 
control - rhizosphere comparisons, but the corresponding p-values are still small with the 
exception of the teosinte - popping corn comparison (Table 2). The T-RFLP profiles, thus 
the bacterial and fungal communities of the teosinte and popping corn samples don’t show 
significant separation, but they are significantly different from sweet corn. There is a large 
separation on the NMS plots in the popping corn replicates indicating high within-group 
variability in their T-RFLP profiles. Less variability was found within the teosinte and sweet 
corn bacterial and fungal communities, as these samples form tighter groups. Fungal ITS T-
RFLP profiles obtained with HinfI indicate generally smaller differences (smaller A-values) 
between the teosinte, sweet corn and popping corn samples than the profiles generated with 
HaeIII. 
Control 94.6 ± 8.96 A 137.2 ± 5.07 A 65.2 ± 3.63 C 85.4 ± 6.84 B
Teosinte 88.2 ± 8.23 A 127.8 ± 8.11 A 86.6 ± 7.89 A 122.0 ± 12.08 A
Sweet corn 79.2 ± 8.50 A 124.6 ± 11.61 A 72.8 ± 7.40 BC 113.8 ± 10.69 A
Popping corn 79.2 ± 7.40 A 129.4 ± 13.30 A 82.6 ± 8.38 AB 120.0 ± 34.00 A
Hha I
Fungal ITSBacterial 16S
Hinf IHae IIIHpa II
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Figure 1.1. NMS (Bray-Curtis distance) plots from A) the bacterial 16S T-RFLP results and 
B) the fungal ITS T-RFLP results. Points representing samples are enclosed in convex hulls, 
crosses indicate group centroids. The stress was 8.78 for HhaI, 7.76 for HpaII, 8.58 for 
HaeIII and 11.61 for HinfI (on a scale of 0 – 100). (control ●, teosinte ■, sweet corn ♦ and 
popping corn ▼) 
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Table 1.3. Pairwise comparison of the control, teosinte, sweet corn and popping corn sample 
groups with MRPP (Bray-Curtis distance) based on their bacterial 16S and fungal ITS T-
RFLP profiles.  
 
A-values are the chance-corrected within group agreements that describe the effect size, p-
values are corrected for multiple comparisons. 
T-RFLP profiles were used to calculate Shannon’s and Simpson’s diversity indices 
for the bacterial and fungal communities of the samples (Table 1.4). Sweet corn rhizosphere 
samples yielded significantly lower values than the popping corn and teosinte samples from 
the bacterial 16S data, except when compared to the popping corn samples based on 
Shannon’s index calculated from the chromatograms generated with HpaII. In case of the 
fungal ITS T-RFLP results, sweet corn samples were found to have significantly lower 
diversity than the controls based on the chromatograms generated with HinfI, but data 
obtained with HaeIII did not show any significant differences. HaeIII however yielded 
substantially less T-RFs (Table 1.2), indicating that it was not as efficient in distinguishing 
the different ITS sequences in the samples. Thus the HinfI results can be considered more 
reliable. 
A-value p -value A-value p -value A-value p -value
Hha I 0.334 0.009 0.181 0.010 0.405 0.011
Hpa II 0.336 0.008 0.143 0.010 0.417 0.015
Hae III 0.370 0.020 0.176 0.008 0.469 0.040
Hinf I 0.199 0.009 0.073 0.026 0.265 0.009
Hha I 0.103 0.026 0.098 0.020
Hpa II 0.099 0.027 0.099 0.017
Hae III 0.066 0.023 0.112 0.014
Hinf I 0.017 0.207 0.057 0.046
Hha I 0.034 0.150
Hpa II 0.027 0.161
Hae III 0.031 0.154
Hinf I 0.008 0.325
Sweet 
corn
bacterial
fungal
Popping 
corn
bacterial
fungal
Teosinte Popping corn Sweet corn
Control
bacterial
fungal
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Table 1.4. Shannon and Simpson diversity indices calculated from the bacterial 16S and 
fungal ITS T-RFLP profiles. 
 
Numbers represent mean ± SD. Significant differences (p < 0.05 on Tukey’s HSD test) are 
indicated with capital letters. 
Microbial community structure via FAME 
On the NMS plot the sweet corn and teosinte samples separate from the controls, 
but the rhizosphere samples from the three corn varieties overlap (Figure 1.2). Differences 
between the fatty acid profiles of the control and teosinte samples (A = 0.4156, corrected p 
= 0.0109) and the control and sweet corn samples (A = 0.3791, corrected p = 0.0063) were 
found significant with MRPP, but not the differences between the rhizospheres of the three 
corn varieties (A < 0.03, corrected p > 0.3). The difference between the popping corn and 
the control samples was also not significant (A = 0.1249, corrected p = 0.1260). 
Control 3.805 ± 0.0816 A 4.057 ± 0.0625 AB 2.737 ± 0.2184 A 3.008 ± 0.1120 A
Teosinte 3.803 ± 0.0715 A 4.112 ± 0.0406 A 2.656 ± 0.2800 A 2.893 ± 0.2561 AB
Sweet corn 3.529 ± 0.1128 B 3.891 ± 0.1848 B 2.297 ± 0.3434 A 2.532 ± 0.3220 B
Popping corn 3.736 ± 0.1395 A 4.079 ± 0.0879 AB 2.616 ± 0.2297 A 2.847 ± 0.1970 AB
Control 0.954 ± 0.0057 AB 0.950 ± 0.0057 BC 0.824 ± 0.0529 A 0.907 ± 0.0132 A
Teosinte 0.963 ± 0.0019 A 0.965 ± 0.0030 A 0.820 ± 0.0616 A 0.850 ± 0.0575 AB
Sweet corn 0.941 ± 0.0110 B 0.947 ± 0.0139 C 0.730 ± 0.0849 A 0.770 ± 0.0984 B
Popping corn 0.957 ± 0.0072 A 0.962 ± 0.0028 AB 0.836 ± 0.0478 A 0.873 ± 0.0319 AB
Bacterial 16S Fungal ITS
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Figure 1.2. NMS (Bray-Curtis distance) ordination plot from the FAME data. Points 
representing samples are enclosed in convex hulls, crosses indicate group centroids. Stress = 
2.13 (on a scale of 0 – 100). (control ●, teosinte ■, sweet corn ♦ and popping corn ▼) 
The total amount of fatty acids extracted from the samples (excluding 14:0, 16:0, 
18:0, 18:2ω6, 18:3ω3, 20:0, 22:0 and 24:0) and the estimated bacterial biomass were 
significantly greater in the rhizosphere of teosinte and sweet corn compared to the control 
(Table 1.5) and followed the trend of control < popping corn < sweet corn < teosinte. This 
trend is reflected in the estimated Gram positive, Gram negative, Actinobacteria and sulfate 
reducing bacterial biomass values, but biomass estimates relativized to the total amount of 
fatty acids show no significant differences between the samples except for the greater 
relative abundance of Gram negatives in the teosinte rhizosphere compared to the control 
(Table 1.5). 
Table 1.5. Total fatty acids extracted from the samples (excluding those abundant in corn 
roots) and the amount of fatty acids assigned to specific microbial groups and used to 
estimate bacterial biomass expressed in nmol g-1 dry soil. 
 
Numbers represent mean ± SD. Significant differences (p < 0.05 on Tukey’s HSD test) are 
indicated with capital letters. The amount of fatty acids assigned to specific microbial groups 
Control 123.0 ± 9.37 B 41.24 ± 3.76 A 13.57 ± 0.95 B 20.55 ± 1.24 A 4.19 ± 0.54 A 54.81 ± 4.66 B
Teosinte 170.4 ± 24.06 A 55.70 ± 4.29 A 23.01 ± 7.86 A 30.64 ± 3.51 A 6.12 ± 0.40 A 78.71 ± 11.96 A
Sweet corn 166.9 ± 22.10 A 54.08 ± 3.57 A 20.33 ± 2.06 AB 29.61 ± 2.18 A 5.46 ± 0.34 A 74.41 ± 5.22 A
Popping corn 146.8 ± 25.30 AB 49.83 ± 8.26 A 17.03 ± 3.24 AB 25.61 ± 5.11 A 5.13 ± 1.16 A 66.85 ± 11.41 AB
Bacterial biomassSulfate reducersTotal fatty acids Gram + bacteria Gram - bacteria Actinobacteria
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were relativized to the total amount of fatty acids (excluding those abundant in corn roots) 
and log transformed prior to statistical analysis. 
Potential enzyme activities 
Seven enzymes were evaluated to assess how the different corn cultivars influenced 
C, N and P nutrient cycles. For NAG one teosinte sample gave ~20-fold greater activity 
than the others due to unusually low readings from its quench wells. This observation was 
regarded as a measurement error and replaced with the mean NAG activity of the other 
teosinte samples. Of the enzymes analyzed only NAG yielded significant differences 
indicating that the teosinte rhizosphere samples had lower potential NAG activity than the 
sweet corn (p = 0.0442 Tukey’s HSD) and popping corn (p = 0.0038 Tukey’s HSD) samples 
and were similar to the control (Table 1.6). 
Table 1.6. Mean ± SD of potential soil enzyme activities (nmol h-1 g-1) from the control, 
teosinte, sweet corn and popping corn samples. 
 
AP = acid phosphatase; BG = β-1,4-glucosidase; BX = β-1,4-xylosidase; CB = 
cellobiohydrolase; LAP = L-leucine aminopeptidase; NAG = β-1,4-N-acetylglucosaminidase; 
PER = peroxidase 
Potential activity of a single enzyme is a poor indicator of the overall influence of 
plant and microbial processes on function (Nannipieri et al. 2003); therefore, we used linear 
discriminant analysis to determine to what extent the potential enzyme activity results 
together can distinguish the control, teosinte, sweet corn and popping corn samples.   
Discriminant analysis assigned 19 of the 20 samples into their correct group; only one 
popping corn sample was misclassified as a control (Table 1.7). Wilks’ Λ (value: 0.0749, 
approximate F: 2.0429) indicated significant differences between the groups (p = 0.0370).  
The sweet corn samples separate from the control and teosinte samples along the first axis 
of the canonical biplot (Figure 1.3), which explains 58.7% of the total variance in the enzyme 
assay results. The control and teosinte samples are distinguished along the second axis, 
Control 286.08 ± 71.71 73.13 ± 32.45 2.66 ± 0.93 19.50 ± 9.56 11.17 ± 3.79 25.04 ± 3.83 3864.26 ± 748.82
Teosinte 254.41 ± 85.58 76.91 ± 29.56 4.34 ± 2.08 10.34 ± 2.66 12.52 ± 2.75 18.11 ± 4.32 2942.49 ± 294.35
Sweet corn 276.90 ± 40.06 73.39 ± 22.95 5.23 ± 1.76 9.54 ± 3.24 16.59 ± 7.08 28.93 ± 9.66 3679.48 ± 661.32
Popping corn 412.91 ± 167.35 90.12 ± 39.97 7.45 ± 4.83 17.48 ± 12.06 12.24 ± 2.29 34.15 ± 8.17 3515.62 ± 556.20
CB LAP NAG PERAP BG BX
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which captures 28.7% of the total variance. The popping corn samples are separated from 
teosinte, but overlap with sweet corn and the controls. Rays on the canonical biplot indicate 
which enzymes are contributing to the separation of the samples; the angle and length of 
which indicate the direction and strength of the relationship. Potential NAG activity largely 
explains the separation of the teosinte rhizosphere samples from the other corn rhizosphere 
samples. BX and AP activities align with axis 1 and explain the separation of the control, 
sweet corn, and popping corn samples. 
Table 1.7. Probabilities of classifying the samples to each group with linear discriminant 
analysis on the potential enzyme assay results. 
 
Sample # Actual identity control teosinte sweet corn popping corn
1 control 0.7645 0.0161 0.0809 0.1384
2 control 0.9700 0.0086 0.0002 0.0212
3 control 0.9132 0.0744 0.0002 0.0121
4 control 0.8617 0.0805 0.0000 0.0578
5 control 0.9684 0.0014 0.0000 0.0302
6 teosinte 0.0060 0.9902 0.0030 0.0009
7 teosinte 0.0060 0.9874 0.0000 0.0065
8 teosinte 0.1846 0.7740 0.0042 0.0372
9 teosinte 0.0195 0.9516 0.0048 0.0241
10 teosinte 0.0075 0.6526 0.0065 0.3334
11 sweet corn 0.0000 0.1276 0.8684 0.0040
12 sweet corn 0.0114 0.0118 0.8925 0.0844
13 sweet corn 0.0012 0.0007 0.9311 0.0670
14 sweet corn 0.0000 0.0000 0.9907 0.0093
15 sweet corn 0.0050 0.0027 0.9602 0.0321
16 popping corn 0.0068 0.0426 0.1947 0.7559
17 popping corn 0.8250 0.0051 0.0049 0.1649
18 popping corn 0.0018 0.0003 0.0296 0.9683
19 popping corn 0.0034 0.1081 0.3091 0.5794
20 popping corn 0.1766 0.0286 0.0001 0.7947
Probabilities to each group
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Figure 1.3. Canonical plot of the enzyme assay results. Points represent samples encircled in 
the 95% confidence limit of the multivariate mean. Biplot rays represent the direction and 
effect size of the activities of the individual enzymes. (control ●, teosinte ■, sweet corn ♦ 
and popping corn ▼) AP = acid phosphatase; BG = β-1,4-glucosidase; BX = β-1,4-
xylosidase; CB = cellobiohydrolase; LAP = L-leucine aminopeptidase; NAG = β-1,4-N-
acetylglucosaminidase; PER = peroxidase 
Discussion 
We compared the microbial communities of teosinte, sweet corn and popping corn 
rhizosphere and unplanted soil (control) using T-RFLP, FAME analysis and enzyme assays. 
Our results show that the plants triggered substantial changes in the soil bacterial and fungal 
communities. We found major differences between the control and the rhizosphere samples 
in their bacterial and fungal community composition as indicated by MRPP analysis, fungal 
community richness based on the number of T-RFs, and microbial community structure and 
biomass estimated from the fatty acids extracted from the soil samples.  These findings are 
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in accordance with those of Kandeler et al. (2002) who demonstrated that maize roots can 
induce significant changes in the soil bacterial community even up to 5 mm from the root 
surface. 
The microbial community in the rhizosphere is generally regarded to be less diverse 
than in the bulk soil. This was recently shown for the bacterial community in corn 
rhizosphere by García-Salamanca et al. (2012) using 16S clone libraries constructed from 
rhizosphere samples of corn grown in a carbonate-rich soil and the bulk soil, and by Peiffer 
et al. (2013) using 16S pyrosequencing from corn rhizosphere and bulk soil samples from 27 
inbred maize lines grown in five different field environments. For the fungal community, Xu 
et al. (2012) found lower richness in the rhizosphere compared to the bulk soil in their 
investigation on pea (Pisum sativum) using fungal ITS pyrosequencing. Conversely, in our 
experiment the presence of the plants resulted in greater fungal richness and no significant 
change in bacterial richness in the soil as assessed by the number of T-RFs. However, 
Shannon and Simpson diversity indices calculated from our fungal ITS T-RFLP results were 
lower for the sweet corn rhizosphere than the control soil, but a similar difference was not 
found for teosinte and popping corn. These discrepancies on the rhizosphere effect on 
bacterial and fungal richness and diversity suggest that it may not necessarily include a 
decrease in these traits, possibly depending on the plant species and cultivar, soil properties, 
plant age and the initial soil microbiota. However they could also be a result of differences in 
methodology, indicating that using T-RFLP to estimate community richness and diversity 
may not be as sensitive as 16S or ITS sequencing. 
MRPP analysis of the FAME data confirmed the presence of the rhizosphere effect 
on the soil microbiota in the corn rhizosphere, but in contrast with the T-RFLP data, it 
could not distinguish between the three maize varieties. T-RFLP proved to be a more 
sensitive method for differentiating the microbial communities of the rhizosphere of the 
different maize varieties in this experimental setup. It is most likely due to the much greater 
number of T-RFs compared to the number of fatty acids obtained from the samples. 
Based on our T-RFLP and FAME results both sweet corn and teosinte induced a 
substantial change in the soil microbiota resulting in different bacterial and fungal 
community structure in their rhizospheres compared to unplanted soil. However, while 
sweet corn decreased fungal diversity, the rhizosphere effect of teosinte did not decrease 
bacterial or fungal diversity. In fact, bacterial diversity was found to be significantly greater in 
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the teosinte than in the sweet corn rhizosphere. Because soil microbial diversity is associated 
with the soil’s ability to inhibit potential plant pathogens (Alabouvette et al. 2004), the 
apparent ability of teosinte to select for a characteristic rhizosphere microbiota while 
maintaining a high bacterial and fungal diversity in the soil therefore might be a beneficial 
trait for crop development. 
As apparent from the T-RFLP NMS plots, the individual popping corn plants 
changed the bacterial and fungal communities in different directions. Previous studies have 
shown that the bacterial and fungal communities in the corn rhizosphere change with plant 
age (Gomes et al. 2003, Picard et al. 2004, Da Mota et al. 2008). Furthermore, in an 
experiment comparing the rhizosphere of two inbred maize lines and a hybrid over several 
growth cycles, Picard et al. (2008) found that the inbred lines required more than a single 
growth cycle to establish stable population densities of antibiotic producing and diazotrophic 
bacteria and select for their adapted arbuscular mycorrhizal fungal partners. Therefore it is 
possible that the high variability of the popping corn rhizosphere microbial community 
structure would decrease with time and like the other two maize varieties, popping corn 
would eventually select a more defined microbiota at a later plant growth stage or after 
multiple growth cycles. 
We found differences in the bacterial and fungal community structure in the 
rhizospheres of the three corn varieties, but no significant differences were found in the 
potential activity of six of the seven enzymes assayed. Multivariate analysis however could 
distinguish the potential enzyme activity profiles of the teosinte, sweet corn, popping corn 
rhizosphere and the control soil samples. Also, enzymes may persist longer in the soil, and 
Dick (1994) noted that 40-60% of soil potential enzyme activity assessed in samples may be 
attributed to the sorbed fraction. Therefore, potential soil enzyme data represents the 
residual activity together with that from the current microbial population at the time of 
sampling. Thus there isn’t necessarily a direct relationship between potential enzyme activity 
and the structure of the current microbial community. 
In the enzyme assay results potential NAG activity contributed most to the 
differentiation of teosinte rhizosphere samples from the other corn varieties. This was 
confirmed by univariate analysis where potential NAG activity in the teosinte rhizosphere 
samples was similar to the control and significantly less than popping corn and sweet corn. 
NAG is a chitinolytic enzyme produced by plants and soil microorganisms. It is involved in 
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N cycling, and can be associated with fungal density in the rhizosphere because chitin is an 
integral part of the fungal cell wall. The T-RFLP results showed that sweet corn, but not the 
teosinte rhizosphere samples had lower fungal diversity than the control soil. This could be a 
factor underlying the decrease in potential NAG activity in the teosinte rhizosphere.   
We coupled a variety of techniques to show how different corn varieties influence 
rhizosphere microbial community structure and function. Over the short duration of this 
experiment the influence of the corn varieties was detectable. Extending the period in which 
the plants were grown, using more corn genotypes, along with repeated planting could help 
to identify further differences. Coupling longer or repeated growth cycles with a more 
thorough analysis of C, N and P concentrations would be necessary to make any conclusions 
about whether the carbon, nitrogen or phosphorus cycling is substantially different in the 
rhizosphere of the three maize varieties or in the control soil. The results allude to functional 
and structural differences in the rhizosphere microbial communities of the corn varieties 
that, with additional research, could lead to useful discoveries on how corn domestication 
has altered soil processes and how plant genotype influences nutrient cycling, abiotic and 
biotic stress tolerance. 
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CHAPTER 2: THE EFFECT OF ROOT EXUDATE 7,4′-DIHYDROXYFLAVONE 
AND NARINGENIN ON THE SOIL BACTERIAL COMMUNITY STRUCTURE 
Introduction 
Flavonoids are plant secondary metabolites synthesized via the phenylpropanoid 
pathway. They are present in all tissues of higher plants and some are exuded from the roots 
into the rhizosphere (Cesco et al. 2010). Their most studied functions in the soil are those 
associated with legume–rhizobia symbiosis, whereby they activate or repress bacterial nod 
gene expression (Dharmatilake et al. 1992) and trigger chemotaxis in nitrogen-fixing rhizobia 
(Hassan and Mathesius 2012). Aside from their association with rhizobia, flavonoids are 
present in root exudates of non-legume plants (Cesco et al. 2010), and a growing body of 
data suggests that they influence the growth and activity of various soil bacteria. For 
example, some flavonoids, particularly isoflavonoids, are considered phytoalexins or 
phytoanticipins due to their antimicrobial effect (Dakora and Phillips 1996). Furthermore, 
the experiments of Hartwig et al. (1991) imply that root exudate flavonoids may control the 
proliferation of some rhizosphere bacteria. They found that the doubling time of Ensifer 
meliloti and Pseudomonas putida decreased when exposed to luteolin or quercetin in micromolar 
concentrations in laboratory cultures. Flavonoids can also be utilized as a source of carbon 
and have other direct and indirect effects on soil nutrient cycles (Cesco et al. 2012). Root 
extracts with a high flavonoid content from Lupinus albus have been shown to decrease soil 
respiration without a significant change in microbial biomass based on soil ATP content, and 
to decrease phosphatase and increase urease activity (Tomasi et al. 2008). Flavonoids may 
also affect bacterial activity in the rhizosphere by influencing quorum sensing. Vandeputte et 
al. (2009 and 2011) found that catechin, apigenin, eridictyol, kaempferol, luteolin, myricetin, 
naringenin, naringin, quercetin, taxifolin, and chalcone had some effect on the production of 
quorum-sensing-dependent factors in Pseudomonas aeruginosa. Further, Pérez-Montaño et al. 
(2011) showed that acyl-homoserine-lactone production by Ensifer fredii, Rhizobium etli, and R. 
sullae strains was enhanced in the presence of flavonoids that are known to induce 
expression of their cognate nod genes. 
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These findings indicate that root exudate flavonoids influence a diverse range of soil 
bacteria. To improve our understanding of how root exudate flavonoids influence the soil 
microbial community structure, we designed a model system that approximates flavonoid 
exudation of Medicago sativa roots. Our goal was to identify members of the soil bacterial 
community that change their relative abundance in response to flavonoid exudation. To 
achieve this, we explored the impact of simulated exudation of 7,4′-dihydroxyflavone, the 
most abundant nod gene inducing flavonoid among the root exudates of M. sativa seedlings 
(Maxwell and Phillips 1990), and naringenin, which is also a nod gene inducing flavonoid 
present in the root exudates of various legumes (Cesco et al. 2010). 
Initial experiments studying the effect of root exudates on the soil microbial 
community delivered exudates to the soil via artificial roots such as membrane filters 
(Odham et al. 1986, Landi et al. 2006) or cylindrical tubes or wicks prepared from such 
filters (Martens 1982, Griffiths et al. 1998). In later experiments, rhizon soil moisture 
samplers were employed as root exudation models (Kuzyakov et al. 2006, Paterson et al. 
2006, Drake et al. 2013) by using them in the reverse direction: to pump a solution into the 
soil instead of sampling the soil solution. An alternative approach developed by Ziegler et al. 
(2013) used glass slides coated with agarose containing the exudate compounds that were 
inserted into the soil. Our goal was to study the microbial community in a volume of soil 
homogenously exposed to the exudates; therefore, we adopted the use of rhizon soil 
moisture samplers in our rhizosphere model systems. 
Materials and Methods 
Soil properties 
We chose a soil that had been exposed to M. sativa but had not been under recent 
agricultural management. The soil was from a pasture at University of Kentucky Spindletop 
Farm that had not been fertilized or planted for the last 5 years; but prior to this, M. sativa 
had been grown for the study by Probst and Smith (2011). The Maury silt loam (fine, mixed, 
semiactive, mesic Typic Paleudalf) was collected from the surface 10–15 cm, sieved (4 mm), 
dried at room temperature with regular mixing, and then stored at room temperature in a 
closed plastic container for over three months. This storage period was to decrease the effect 
25 
 
of root exudate flavonoids in the soil from the vegetation at the collection site. Samples were 
sent to the University of Kentucky Regulatory Services Soil Testing Laboratory to determine 
basic soil properties (http://soils.rs.uky.edu/tests/methods.php). 
The soil texture was 18.5% sand, 64.1% silt, and 17.4% clay. The pH was 5.95 (1:1 
solution:soil using 1 M KCl) and the buffered pH was 7.03 (with Sikora buffer (Sikora 
2006)). The soil contained 4.49% organic matter and 0.25% total nitrogen. The cation 
exchange capacity was 25.95 meq/100 g, the base saturation 87.77% and the exchangeable 
K, Ca, Mg, and Na were 0.36, 17.85, 4.55, and 0.02 meq/100 g. Mehlich III extractable P, K, 
Ca, Mg, and Zn were 243.5, 110.0, 2925.5, 486.5, and 1.2 mg/kg.  
Before using the soil it was mixed with 30% m/m sand (previously bleached, 
washed, and oven dried) to facilitate drainage. 
The rhizosphere model system 
The soil–sand mixture was moistened with distilled water (60.0 g water to 400.0 g 
soil–sand mixture) and thoroughly mixed in plastic bags before filling 60.0 g into 50-ml 
polypropylene conical centrifuge tubes (Fisher Scientific, USA). The conical bottom portions 
of the tubes were previously cut off and replaced with plastic mesh to allow drainage. Each 
tube was wrapped in aluminum foil to protect the soil from light. 
We used rhizon soil moisture samplers (Rhizon MOM, Rhizosphere Research 
Products, Netherlands) to model the root exudation process. The rhizons had 5-cm long 
porous parts, 2.5 mm diameter, pore size 0.12–0.18 µm, a glass fiber strengthener, and 
polyethylene/polyvinylchloride tubing. To the soil in each tube, 6.00 ml distilled water was 
added before inserting three rhizons vertically and equidistant to each other and the wall of 
the tube. The rhizons were previously bleached and then washed in sterile distilled water. 
Treatment solutions and applications 
The rhizosphere model systems received 7,4′-dihydroxyflavone or naringenin at high 
(24.00 nmol/day), medium (2.40 nmol/day), low (0.24 nmol/day), or control (no flavonoid) 
rates. The medium treatment rate was determined from the calculations of Cesco et al. 
(2010) which were based on the results of Maxwell and Phillips (1990) to match the 
exudation rate of 7,4′-dihydroxyflavone from M. sativa seedlings assuming 0.4 g (fresh 
weight) root biomass. We determined the root biomass value experimentally by growing M. 
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truncatula using the same soil and tube setup as the present experiment (unpublished). The 
treatments were applied in 1.2 ml aqueous solution slowly pumped through the rhizons (400 
µl per rhizon) into the soil using 1-ml syringes, once every 24 hours. After each application, 
approximately 0.2 ml of air was injected into the rhizon to ensure that the entire volume of 
the treatment solution had reached the soil and that no liquid remained in the tubing. 
Stock solutions of 7,4′-dihydroxyflavone (Indofine, USA) and naringenin (MP 
Biomedicals, USA) were prepared in dimethyl sulfoxide and stored at −20°C until the start 
of the treatments. The final treatment solutions each contained 0.0625% v/v dimethyl 
sulfoxide. Each treatment solution was supplemented with the major carbohydrates, amino 
acids, and other organic acids present in the root exudates of M. sativa (Hamlen et al. 1972, 
Lesuffleur et al. 2007, Lipton et al. 1987) assuming 0.4 g (fresh weight) root biomass in the 
rhizosphere model system: 1396 µM glucose, 223 µM arabinose, 115 µM maltose, 108 µM 
mannose, 690 µM serine, 250 µM glycine, 26 µM malate, 24 µM citrate, and 4 µM succinate. 
Stock solutions were prepared in water, filter sterilized (0.22 µm), and stored at 4°C. The 
control treatments received the carbohydrates, amino acids, and other organic acids, and 
dimethyl sulfoxide, but no flavonoid. The treatment solutions were adjusted to pH 7 with 
KOH. 
Six rhizosphere model systems were set up for each of the high, medium, low, and 
control treatment rates, and then placed on plastic trays and incubated in a dark cabinet at 
room temperature (21–23°C). A 400-µl aliquot of distilled water was pumped through each 
rhizon once a day for five days before the treatments started. Seedlings that emerged from 
the soil were removed. The last seedling appeared six days before sampling. The treatments 
were applied for 10 days. Every two days the rhizosphere model systems were weighed 
before administering the treatments and then sufficient distilled water was applied to the soil 
to maintain constant water content, and they were randomly rearranged on the trays. 
The experiment was first conducted with 7,4′-dihydroxyflavone and then repeated 
with naringenin using the same procedures. 
Sampling 
Soil samples were harvested approximately three hours after the last treatment 
application. The rhizons were removed and the soil column was pushed out of the tube. The 
top one cm of soil was discarded and the next four cm was collected in a sterile plastic bag 
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using a sterile spatula, mixed, and then frozen in liquid nitrogen. Samples were stored at 
−80°C. 
Some rhizosphere model systems contained germinating seeds that did not reach the 
surface, and thus were only detected during sampling. These systems were removed from the 
study leaving the number of replicates to five high, four medium, five low, and four control 
in the 7,4′-dihydroxyflavone experiment, and five high, five medium, four low, and five 
control in the naringenin experiment. 
ATP assays 
To assess total microbial biomass ATP was extracted from 1.0 g of the soil samples 
with dimethyl sulfoxide and trisodium phosphate as described by Bai et al. (1988), but with 
1:10 instead of 1:100 dilution in glycine-EDTA buffer. Diluted extracts were treated with 
benzalkonium chloride following the protocol of Martens (2001) by mixing a 100-µl aliquot 
with 100 µl 0.05% m/m benzalkonium chloride in Tris-Mg2+ buffer (50 mM Tris, 10 mM 
MgSO4, pH 7.8) in a 12 mm × 50 mm autoclaved glass tube. The tube was sonicated for five 
seconds and 190 µl Tris-Mg2+ buffer was added, followed by 10 µl StayBrite Highly Stable 
Luciferase/Luciferin Reagent (BioVision, USA). The sample was quickly mixed with a pipet 
and the luminescence was measured five consecutive times using a Turner Design 20/20 
luminometer with 10 s integration periods and 54.8% sensitivity. Out of the five 
measurements, generally the first two were higher than the last three, which showed less 
variation. Therefore, the average of the third, fourth, and fifth readings was used in the 
calculation. Blanks were used to measure the background luminescence using glycine-EDTA 
buffer instead of a soil extract. A standard curve using log10 (ATP concentration in nM) vs. 
log10 (luminescence) was obtained by measuring ATP standards comprising blank samples 
supplemented with 0.1, 0.5, 1, 5, and 10 nM ATP. The ATP stock solution was prepared 
from ATP-Na2 salt (SERVA Electrophoresis, Germany) in Tris-Mg
2+ buffer and then filter 
sterilized (0.22 µm) and stored at −80°C. To estimate the extraction efficiency, soil samples 
from the 7,4′-dihydroxyflavone (n = 3) and the naringenin (n = 3) experiments were 
randomly chosen, and ATP extracts were prepared from them by adding 20 µl 0.1 mM ATP 
solution when adding the dimethyl sulfoxide. 
Samples from the 7,4′-dihydroxyflavone and naringenin experiments were processed 
separately. Three blanks and a set of ATP standards were measured for both experiments. 
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The average of the blanks was subtracted from the readings and the ATP content per gram 
of soil (dry weight) was calculated according to the standard curves in Microsoft Excel. The 
results were analyzed in JMP 10.0.0 (SAS Institute, USA) using ANOVA and Tukey’s HSD. 
16S rRNA gene amplicon sequencing and data processing 
DNA was extracted from 250 mg of soil from each sample with Power Soil DNA 
Isolation Kit (MO BIO Laboratories, USA). The V4 region of the 16S gene was amplified 
with PCR using the primers of Kozich et al. (2013). The reactions contained 22.5 µl 
AccuPrime Pfx SuperMix (Invitrogen, USA), 7.5 ng DNA, and 7.5 pmol forward and reverse 
primers (Integrated DNA Technologies, USA) in 25 µl final volume. Amplification was 
carried out in a Bio-Rad My Cycler version 1.065 thermocycler (Bio-Rad, USA) with 4 min 
initial denaturation at 95°C followed by 30 cycles of 20 s at 95°C, 15 s at 55°C, and 2 min at 
68°C, and a final extension for 10 min at 68°C. The size and quality of the PCR products 
were checked using agarose gel electrophoresis. The PCR products were cleaned, quantified, 
pooled, and sequenced on an Illumina MiSeq instrument with a 500 cycle v2 kit (Illumina, 
USA) at the University of Kentucky Advanced Genetics Technologies Center according to 
the protocol of Kozich et al. (2013). Samples from the 7,4′-dihydroxyflavone and the 
naringenin experiments were sequenced separately. The sequence data is accessible at the 
National Center for Biotechnology Information Sequence Read Archive 
(www.ncbi.nlm.nih.gov/sra) under the accession number PRJNA295777. 
Forward and reverse sequence reads were joined, and then sequences that were low 
quality, chimeric, mitochondrial, chloroplast, archaeal, eukaryotic, and unclassifiable were 
removed in mothur v1.34 (Schloss et al. 2009) as described in the MiSeq SOP 
(http://www.mothur.org/wiki/MiSeq_SOP, accessed December 2014) using the SILVA 
alignment (Pruesse et al. 2007) release 119, and the Ribosomal Database Project (Cole et al. 
2014) release 10. Sequences were binned to operational taxonomic units (OTUs) using 
minimum entropy decomposition (MED) (Eren et al. 2014) with the following settings: m = 
0.0965, c = 4, M = (number of sequences in the dataset/10 000), and V = 3. A 
representative sequence from each OTU was classified according to the Ribosomal Database 
Project release 10 using mothur with 70% bootstrap cutoff. 
Instead of rarefying (McMurdie and Holmes 2014), centered log-ratio (CLR) 
transformation (Aitchison 1986, Fernandes et al. 2014) was applied to the data matrices 
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using the compositions package (Van Der Boogaart and Tolosana-Delgado 2006) in R 
version 3.2.1 (www.R-project.org). The data matrices from the 7,4′-dihydroxyflavone and 
naringenin experiments contained 13 and 43 zeroes, respectively. These were replaced with 
ones to allow this transformation. Ordination plots were made with non-metric 
multidimensional scaling (NMS) in PC-ORD 6.0 (MJM Software Design, USA) with 
Euclidean distances: 250 runs were performed with random starting configurations in one to 
six dimensions with a 10-7 instability criterion and 500 maximum iterations with 0.2 initial 
step length to find the best starting configurations in each dimensionality. Statistics for the 
final stress for each dimensionality were obtained from 250 runs with randomized data. 
Dimensions were only accepted if they decreased the stress to a lower value than that from 
95% of the randomized runs. Based on the results, two-dimensional solutions were selected. 
The final run was conducted using the determined best starting configuration. Multi-
response permutation procedure (MRPP) (McCune et al. 2002) was used on the CLR 
transformed datasets with Euclidean distances to test the significance of the differences 
between the high, medium, low, and control treatments. To find differentially abundant 
OTUs in the treatments, we used DESeq2 (without CLR transformation) (Love et al. 2014) 
as recommended by McMurdie et al. (2014) with the DESeq2 package version 1.8.1 (Love et 
al. 2014) in R. To account for the high number of simultaneous tests, q-values were 
calculated according to the positive false discovery rate method (Storey and Tibshirani 2003) 
with the smoother option in QVALUE (http://genomine.org/qvalue). The q-value of a test 
estimates the proportion of false positive findings in the dataset if tests with equal or lower 
p-values are accepted as significant. 
Results 
ATP assays 
There was no significant difference in the soil ATP content between the treatments 
in either the 7,4′-dihydroxyflavone or the naringenin experiment (Table 2.1). The standard 
curves are shown in Figure 2.1. 
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Table 2.1. Average ± SD soil ATP concentrations (ATP µg/g soil dry weight) not corrected 
for extraction efficiency, and estimated ATP extraction efficiency. 
 
 
Figure 2.1. Standard curves of the ATP assays. 
16S sequencing results from the 7,4′-dihydroxyflavone experiment 
The dataset contained 117,276–359,427 sequences per sample with 253 bp average 
read length, which were binned to 1580 OTUs. On the NMS plot (Figure 2.2A) the high, 
medium, and low treatment samples overlapped each other, but were separate from the 
control samples, indicating a difference in bacterial community structure between the control 
High 1.557 ± 0.116 1.212 ± 0.195
Medium 1.698 ± 0.306 1.211 ± 0.164
Low 1.780 ± 0.101 0.983 ± 0.062
Control 1.621 ± 0.187 1.121 ± 0.164
Extraction efficiency (%) 86.3 ± 1.47 87.3 ± 6.85
7,4'-dihydroxyflavone naringenin
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and 7,4′-dihydroxyflavone treatments. This difference however, was not significant in the 
MRPP after correcting for multiple comparisons (Table 2.2). 
 
Figure 2.2. NMS ordination plots (A) 7,4′-dihydroxyflavone experiment, (B) naringenin 
experiment. Points represent samples, crosses are group centroids. Samples of the same 
treatment are enclosed in convex hulls. Stress is calculated on a scale of 0 to 100. 
(Treatments: ● high, ♦ medium, ■ low, and ▲ control) 
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Table 2.2. Multi-response permutation procedure (MRPP) results. 
 
The A-values are the chance-corrected within-group agreements and describe the effect size. 
Corrected p-values were calculated using the Bonferroni method. 
We used DESeq2 to find differentially abundant OTUs in the control compared with 
the medium and high treatments. These comparisons gave the highest A-values in the 
MRPP (Table 2.2). The DESeq2 results including the normalized mean abundance, 
abundance fold change, p- and q-values, and the taxonomic classification for all OTUs are 
listed in Table S2.1 (comparing the control and high treatments) and Table S2.2 (comparing 
the control and medium treatments). There were 37 differentially abundant OTUs between 
the control and high treatments with q-values below 0.1. This q-value indicates the 
proportion of false positives if the abundances of all these OTUs are accepted as 
significantly different. The normalized mean abundance, abundance fold change, p-values, 
and the taxonomic classification of these 37 OTUs are shown in Table 2.3. 
Comparison A p Corrected p
control - low -0.00039 0.443 2.661
control - medium 0.02922 0.045 0.267
control - high 0.02306 0.033 0.200
low - medium 0.00497 0.327 1.964
low - high -0.00054 0.446 2.678
medium - high -0.01322 0.923 5.537
control - low 0.00323 0.348 2.089
control - medium -0.01677 0.771 4.626
control - high -0.02264 0.958 5.750
low - medium 0.00028 0.419 2.511
low - high 0.00403 0.334 2.007
medium - high -0.01294 0.759 4.554
7,4'-dihydroxyflavone
Naringenin
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Table 2.3. DESeq2 results. Differentially abundant OTUs between the control and high 
treatments for the 7,4′-dihydroxyflavone experiment (q-values < 0.1). 
 
Taxonomic classification of the OTUs was based on representative sequences from each 
OTU classified according to the Ribosomal Database Project release 10. Only taxonomic 
assignments with higher than 70% bootstrap support are listed. Fold change is the fold 
change of the normalized abundance in the high treatment compared with the control. 
From the 37 OTUs, 14 had a higher relative abundance in the high treatment than in 
the control. Half of these OTUs were classified as Acidobacteria subdivision 4 (Table 2.3). 
Collectively, these seven OTUs cover 18.9–22.8% and 14.1–17.2% of the Acidobacteria 
subdivision 4 sequences in the high and control treatments, respectively. Most of the OTUs 
in Table 2.3 that had a lower relative abundance in the high treatment compared with the 
control were classified as Actinobacteria. Six of these Actinobacteria OTUs belong to genus 
Gaiella, together covering 13.0–14.5% and 15.0–18.7% of the sequences from this genus in 
the high and control treatments, respectively. Three OTUs were classified as Nocardioidaceae, 
OTU#
Mean Normalized 
Abundance
Fold Change p Phylum Classis Ordo Familia Genus
4243 142.3 0.57 0.00002 Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae Nocardioides
12806 197.7 0.61 0.00011 Actinobacteria
11413 338.4 0.61 0.00012 Actinobacteria Actinobacteria Actinomycetales Thermomonosporaceae
9993 389.0 0.62 0.00031 Actinobacteria Actinobacteria Actinomycetales Pseudonocardiaceae Pseudonocardia
8535 47.8 0.55 0.00038 Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Janibacter
3160 156.3 0.62 0.00050 Actinobacteria
9555 179.8 0.64 0.00053 Actinobacteria Actinobacteria Actinomycetales Thermomonosporaceae Actinoallomurus
11842 691.8 0.66 0.00053 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
13657 111.7 0.62 0.00075 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
9030 151.0 0.65 0.00123 Actinobacteria Actinobacteria Solirubrobacterales Conexibacteraceae Conexibacter
4121 319.9 0.60 0.00128 Firmicutes Bacilli Bacillales
9952 41.2 0.56 0.00141 Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae
5795 30.5 0.55 0.00141 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
3273 163.2 0.63 0.00165 Actinobacteria Actinobacteria Solirubrobacterales
5985 153.5 0.64 0.00195 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
10112 144.3 0.66 0.00205 Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae Kribbella
9557 49.6 0.58 0.00207 Actinobacteria Actinobacteria Actinomycetales Thermomonosporaceae
7451 53.7 0.61 0.00253 Proteobacteria Alphaproteobacteria Rhizobiales
14169 97.4 0.63 0.00265 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
5477 394.3 0.69 0.00266 Acidobacteria Subdivision 17
3819 66.2 0.59 0.00272 Proteobacteria Alphaproteobacteria Rhodospirillales
14170 76.2 0.63 0.00281 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
13198 57.6 1.91 0.00010 Acidobacteria Subdivision 4
2945 19.0 2.05 0.00022 unclassified
11314 152.8 1.62 0.00064 Acidobacteria Subdivision 4
13547 227.0 1.45 0.00129 Acidobacteria Subdivision 4
886 28.5 1.81 0.00134 Bacteroidetes
12340 54.7 1.86 0.00156 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Adhaeribacter
10591 682.3 1.48 0.00158 Acidobacteria Subdivision 4
13358 53.4 1.71 0.00162 Acidobacteria Subdivision 6
11364 142.7 1.53 0.00172 Acidobacteria Subdivision 4
50 30.5 1.79 0.00182 unclassified
13562 1270.7 1.44 0.00206 Acidobacteria Subdivision 4
11109 57.4 1.67 0.00245 Bacteroidetes Sphingobacteriia Sphingobacteriales Chitinophagaceae Flavisolibacter
12323 171.3 1.45 0.00269 Bacteroidetes Sphingobacteriia Sphingobacteriales Chitinophagaceae
5649 203.9 1.47 0.00303 Acidobacteria Subdivision 4
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encompassing 37.8–47.9% and 46.3–59.5% of the sequences from OTUs classified into this 
family in the high and control treatments, respectively. Thermomonosporaceae was also 
represented by three OTUs, which contain 69.3–77.6% and 72.4–75.9% of the sequences 
from this family in the high and control treatments, respectively. 
In a comparison of the control with the medium treatment, only six differentially 
abundant OTUs had q-values below 0.1 (Table S2.2). Three of these OTUs (OTU# 886, 
10591, and 12806) were also differentially abundant between the control and the high 
treatment (Table 2.3). Two of the other three OTUs were classified as Micromonosporaceae and 
Acidobacteria subdivision 16, and one could not be classified at phylum level with higher than 
70% bootstrap support. Several OTUs listed in Table 2.3 that had significantly different 
abundances between the control and high treatment showed a similar response in the 
medium treatment compared with the control. From the Acidobacteria subdivision 4 OTUs 
listed in Table 2.3 that were significantly more abundant in the high treatment than in the 
control, OTU# 10591, 13198, and 11314 were also more abundant in the medium treatment 
compared with the control and had low q-values (0.049, 0.115, and 0.115, respectively) 
(Table S2.2). OTU# 11842 and 14169 were classified as Gaiella, OTU# 4243 and 9952 were 
classified as Nocardioidaceae, and OTUs 11413 and 9555 were classified as Thermomonosporaceae 
(Table 2.3). Similar to the control versus high treatment comparison, these OTUs had higher 
relative abundance in the control than in the medium treatment and had q-values of 0.176, 
0.209, 0.115, 0.163, 0.171, and 0.202, respectively (Table S2.2). 
16S sequencing results from the naringenin experiment 
The dataset contained 149,471–339,727 sequences per sample with 253 bp average 
read length. The MED resulted in 1589 OTUs. Interestingly, the control samples showed no 
separation from the high or medium treatments in the NMS plot, but the low treatment 
appeared to separate (Figure 2.2B). This difference however, was not significant in the 
MRPP (Table 2.2). The comparisons between the low and high treatments and between the 
control and low treatments resulted in the largest effect sizes in the MRPP (Table 2.2); thus 
they were investigated with DESeq2 to find differentially abundant OTUs. The normalized 
mean abundance, abundance fold change, p- and q-values, and the taxonomic classification 
for all OTUs are listed in Table S2.3 (comparing the control and low treatments) and Table 
S2.4 (comparing the low and high treatments). Only three OTUs had significantly different 
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abundances between the control and the low treatment and had q-values below 0.1 (Table 
S2.3). One OTU was classified as Bacillus, one as Gaiella, and one was not possible to classify 
at the phylum level with higher than 70% bootstrap support. Comparison of the low and the 
high treatments resulted in four OTUs with significantly different abundances and with q-
values below 0.1 (Table S2.4). These were classified into Oxalobacteraceae, Intrasporangiaceae, 
Acidobacteria subdivision 6, and Chitinophagaceae. 
Discussion 
Soil ATP content 
Soil ATP content is a measure of the total living microbial biomass including active 
and dormant organisms (Blagodatskaya and Kuzyakov 2013). The 7,4′-dihydroxyflavone and 
naringenin treatments had no significant effect on the ATP content of the soil. This suggests 
that the change in relative abundance of OTUs found in DESeq2 is due to a growth 
response of those particular bacterial groups and is not due to a general antimicrobial or 
growth promoting effect on the other members of the bacterial community. However we 
note that soil ATP content reflects the biomass of all soil organisms, including fungi, other 
eukaryotic microbes, and Archaea, which are not represented in our 16S sequencing results. 
In addition, no change in total biomass does not necessarily mean there was no change in 
the number of microbes, particularly if the size of the cells changed. A few large cells may be 
replaced by many smaller cells with no change in the total biomass. 
Naringenin has been shown to inhibit the growth of a variety of Gram positive and 
negative bacteria as well as Saccharomyces cerevisiae (Mandalari et al. 2007 and 2010, Rauha et al. 
2000). A broad-spectrum inhibition of growth would likely cause a decrease in soil ATP 
content, but this did not occur. The high flavonoid treatment solution in our experiment had 
a concentration of 5.45 µg/ml, which is about two magnitudes lower than the reported 
minimum inhibitory concentrations for naringenin. It seems likely that some root exudate 
flavonoids that have been considered antimicrobial based on laboratory culture studies do 
not function as inhibitors of bacterial growth in the soil. This is simply because the 
determined minimum inhibitory concentrations are higher than those expected in the 
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rhizosphere, or they only have an antimicrobial effect adjacent to the site of exudation, such 
as in the rhizoplane where their local concentrations may be high. 
For soils with a similar texture and pH to the Maury silt loam used in the present 
study, Bai et al. (1988) reported 0.76–2.20 µg/g soil ATP content. Our results using the same 
extraction method also occurred within this range (Table 2.1). However, Bai et al. did not 
incubate their soils with carbon sources before extraction, whereas our samples were treated 
daily for 10 days with a mixture of carbohydrates and organic acids, which should promote 
the growth of heterotrophic microorganisms, and thus increase the microbial biomass and 
ATP content. In their review, Blagodatskaya and Kuzyakov (2013) concluded that ATP 
content below 1–2 µg/g soil is common when the soil microbial community is not activated, 
and that the addition of readily available substrates, such as glucose, causes several-fold 
increases, which implies that our results are lower than expected. Their results were derived 
from studies that used acid extractions to measure soil ATP content, which differed from 
the method of Bai et al., and hence from our method. However, the method of Bai et al. was 
found to be more effective than acid extraction using trichloroacetic acid, HPO4
2-, and 
paraquat (Martens 2001). A likely explanation for the relatively low ATP content of our 
samples is that the treatment solution added only 0.0040 mg carbon per g soil daily as 
glucose and other substrates, which is about three magnitudes less than the amount used in 
other studies to activate the soil (Nannipieri et al. 1978, De Nobili et al. 1996). The 
concentrations of carbon sources and the C:N ratios in our treatment solutions were closer 
to those used by Drake et al. (2013) in their C + N treatment (carbon at 500 mg/l versus 
172.3 mg/l in the present study, C:N of 10 versus 13.1 in the present study), which did 
increase soil microbial biomass significantly, but not several-fold. 
We obtained considerably lower soil ATP concentrations from the naringenin than 
the 7,4′-dihydroxyflavone experiment (Table 2.1). This included the control samples 
however, and was thus not an effect of the flavonoids. The naringenin experiment began 41 
days after starting the 7,4′-dihydroxyflavone experiment, and during this time the microbial 
biomass may have decreased in the soil that was kept dry at room temperature. However the 
soil had already been stored under those conditions for three months when the 7,4′-
dihydroxyflavone experiment was started. Another possible factor behind the difference is 
that the rhizosphere model systems in the 7,4′-dihydroxyflavone experiment required the 
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addition of more water to maintain constant water content, but the cumulative difference 
throughout the duration of the experiments was only 2.34 g on average. 
Bacterial community structure 
7,4′-dihydroxyflavone is known for its ability to induce the expression of nod genes in 
species like Rhizobium leguminosarum bv. trifolii (Djordjevic et al. 1987), Ensifer meliloti (Maxwell 
et al. 1989), and Bradyrhizobium japonicum (Ryu and Hur 2005). Considering that there are 
numerous OTUs in our dataset classified as Rhizobium and Bradyrhizobium (Table S2.1), and 
that the soil originated from a site where M. sativa had been grown for years, it is likely that 
rhizobial species able to react to 7,4′-dihydroxyflavone as a nod gene inducer would be 
present in the soil microbial community. However, we only found a single OTU classified as 
Rhizobiales that significantly changed (q-value < 0.1) its relative abundance in the high 7,4′-
dihydroxyflavone treatment compared with the control (Table 2.3), and the abundance of 
this OTU decreased in the flavonoid treatment. This implies that nod gene induction by 7,4′-
dihydroxyflavone is not necessarily coupled with significant growth promotion. Our results 
concur with Hartwig et al. (1991), who found that 10 µM 7,4′-dihydroxyflavone did not 
affect the doubling time in the cultures of R. leguminosarum bv. trifolii and E. meliloti. 
The 37 OTUs with significantly changed (q-value < 0.1) relative abundances between 
the control and high 7,4′-dihydroxyflavone treatments were classified into five different 
phyla representing a wide range of bacterial diversity (Table 2.3). However, the q-values of 
these OTUs go up to 0.1, indicating that about 10% of these OTUs may be false positives 
and have a low p-value just by chance, such as due to the high number of simultaneous 
statistical tests. As such, we only discuss bacterial taxa that were represented by several 
OTUs among the DESeq2 hits. 
Our results show that a large portion of the Acidobacteria subdivision 4 community in 
the soil increased its relative abundance in the high 7,4′-dihydroxyflavone flavonoid 
treatment. Based on culture-independent studies, Acidobacteria is one of the most abundant 
bacterial phyla in the rhizosphere (Da Rocha et al. 2009), and subdivision 4 is among the 
most dominant of the 26 subdivisions in a wide diversity of soils, especially in soil with low 
acidity (Jones et al. 2009). However, there are only three validly described species in this 
taxon (Foesel et al. 2013, Crowe et al. 2014, Huber et al. 2014), which impedes our 
understanding of their metabolism and activity. In clone libraries constructed from the 
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rhizosphere of Noccaea caerulescens and from unplanted bulk soil that was contaminated with 
heavy metals, fewer clones from subdivision 4 were found in the rhizosphere compared with 
the bulk soil (Gremion et al. 2003). The abundance of various acidobacterial subdivisions in 
unplanted soil and in the rhizospheres of potato (Solanum tuberosum ‘Agria’), leek (Allium 
porrum ‘Kenton’), and mixed grass species dominated by Lolium perenne were studied in a field 
experiment using real-time quantitative PCR by Da Rocha et al. (2013). During their four-
month study, the abundances of subdivision 4 declined, but relative to the bulk soil, their 
abundances increased in the rhizospheres of leek and grass. The flavonoid composition of 
the root exudates of these plants have not been reported yet, and studies investigating the 
flavonoid composition of N. caerulescens shoots, potato tubers, leek bulbs, and L. perenne 
shoots did not find 7,4′-dihydroxyflavone (Llugany et al. 2013, Lewis et al. 1998, Fattorusso 
et al. 2001, Soininen et al. 2014, Qawasmeh et al. 2012). These culture-independent studies 
on the abundance of Acidobacteria subdivision 4 point out that its growth can be influenced 
by plants, implying plant–microbe interactions. Our results indicate that root exudate 
flavonoids like 7,4′-dihydroxyflavone may be involved in mediating these interactions.  
It is noteworthy that our experimental setup was not capable of distinguishing direct 
and indirect effects of the flavonoid treatment. Root exudate flavonoids can be modified and 
degraded by soil microorganisms or abiotic processes (Cooper 2014, Shaw et al. 2006 and 
2008); thus, some of the OTUs with significantly different abundances may have reacted to a 
degradation product instead of 7,4′-dihydroxyflavone itself, or to factors produced by other 
organisms in response to the flavonoid. 
In the high 7,4′-dihydroxyflavone treatment, six OTUs classified as Gaiella had 
significantly (q-value < 0.1) lower relative abundances compared with the control (Table 2.3). 
This genus and the order Gaiellales currently have only a single described species, which was 
isolated from water from a deep aquifer (Albuquerque et al. 2011). Gaiella 16S rRNA 
sequences have been found in sediments from a thermal spring (Rozanov et al. 2014), in 
high abundance in soil (Kim et al. 2014), and in rhizosphere and root samples of rice 
(Hernández et al. 2015). Their presence in the rhizosphere soil and root tissues shows that 
some members of this genus interact with plants. According to our results, 7,4′-
dihydroxyflavone from root exudates may have a role in these interactions. 
In the 7,4′-dihydroxyflavone experiment, several OTUs that decreased their relative 
abundance in the flavonoid treatment were classified as Nocardioidaceae and 
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Thermomonosporaceae (Table 2.3). These OTUs comprise a large portion of the sequences 
classified into these families in the dataset. Many members of these families have been 
isolated from soil where they can play a significant role in degradation processes and nutrient 
cycling (Tóth and Borsodi 2014, Kroppenstedt and Goodfellow 2006). They were found in 
the rhizospheres of L. perenne (Anderson et al. 2011), Solanum melongena (Singh et al. 2013), 
cucumber (Chen et al. 2013), and various medicinal plants (Khamna et al. 2009). Endophytic 
members of Nocardioidaceae were isolated from the roots of wheat (Coombs and Franco 
2003) and rice (Tian et al. 2007), whereas Thermomonosporaceae strains were isolated from 
Aquilaria crassna (Nimnoi et al. 2010) and mandarin (Shutsrirung et al. 2013). Furthermore, 
some of these isolates were shown to produce siderophores, which may help plant nutrient 
uptake, and to produce indole-3-acetic acid (Khamna et al. 2009, Nimnoi et al. 2010, 
Shutsrirung et al. 2013), and therefore potentially promote plant growth. Isolates related to 
Thermomonosporaceae were also obtained from the outer cells of the nitrogen-fixing nodules of 
Casuarina equisetifolia and were demonstrated to be able to fix atmospheric nitrogen (Valdés e 
al. 2005), whereas other Thermomonosporaceae strains were shown to increase nodule biomass, 
nitrogen fixation rate, and to promote the growth of soybean when co-inoculated with 
Bradyrhizobium japonicum (Nimnoi et al. 2014). Nocardioides endophytes from wheat roots were 
also proven to be beneficial to plants as they express antifungal activity against different 
plant pathogens and reduce disease symptoms (Coombs et al. 2004). Therefore, it appears 
that some soil-dwelling members of Nocardioidaceae and Thermomonosporaceae are part of the 
rhizosphere microbial community of certain plants and that some colonize root tissues as 
neutral or plant growth promoting endophytes. However, it is currently unknown what 
chemical signals are involved in host recognition or induction of the colonization of plant 
tissues. Our results suggest that root exudate flavonoids like the 7,4′-dihydroxyflavone are 
potential signaling candidates influencing these plant–microbe interactions. 
In the naringenin experiment, we found no significant difference in the soil bacterial 
community structure between the control and flavonoid treatments. Nor was there a 
gradually increasing response with the increasing flavonoid concentration in the treatment 
solution. Instead, we found the largest difference between the low and the high treatments, 
but there were very few differentially abundant OTUs. Longer application times or higher 
treatment rates may be required to study the effect of naringenin on soil bacterial community 
structure in a rhizosphere model system. 
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CHAPTER 3: THE EFFECT OF DIFFERENT HYDROXYPROLINE 
STEREOISOMERS ON THE SOIL BACTERIAL COMMUNITY STRUCTURE 
This work was done in collaboration with Atanas D. Radkov. 
Introduction  
(2S,4R)-4-Hydroxyproline (hereafter L-hydroxyproline) is abundant component of 
the plant cell wall, as most cell wall proteins are rich in this amino acid. In fact, L-
hydroxyproline is a major amino acid in cell wall hydrolysates (Cassab 1998, Gorres and 
Raines 2010). Therefore, soil likely receives a high L-hydroxyproline input from the 
sloughing off of dead root cells in the rhizosphere (Moe 2013) and from the decomposition 
of plant biomass in the detritusphere. Animals also synthesize L-hydroxyproline and smaller 
amounts of (2S,3S)-3-hydroxyproline, which together make up 13–14% of the amino acid 
content of collagen. During both degradation and synthesis of collagen, hydroxyproline 
containing peptides are released into the circulation and excreted in urine (Gorres and Raines 
2010, Hlaing and Compston 2014). For example, healthy female chickens were shown to 
excrete 8.8 ± 0.8 mg hydroxyproline daily through urine (Prieto et al. 1985). Consequently, 
urine can deliver high amounts of L-hydroxyproline to the soil surface. 
In the time course study of Schutter and Dick (2001) amending soil with L-
hydroxyproline resulted in higher microbial biomass than adding equivalent amounts of 
glucose, cellulose, lignin, gelatin, residues of triticale or winter pea from three to 49 days 
after the treatment. This indicates that L-hydroxyproline is a good carbon and nitrogen 
source for soil microorganisms and may have an important role in supporting microbial 
growth in soil environments where plant- or animal derived L-hydroxyproline input is 
significant, like in the rhizosphere, the detritusphere, and the soil surface. However the 
experiment of Schutter and Dick (2001) provides little information on how the soil bacterial 
community structure changes due to the L-hydroxyproline amendment. To further our 
understanding on the contribution of plant- or animal derived L-hydroxyproline to the 
microbial growth in soil we investigated the bacterial community structure by high-
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throughput sequencing of the 16S rRNA gene three and seven days after L-hydroxyproline 
input. 
The only known bacterial L-hydroxyproline catabolic pathway proceeds through 
(2R,4R)-4-hydroxyproline (hereafter D-hydroxyproline). This pathway was described in 
Pseudomonas, but some evidence suggests that it may be present in various other bacteria 
(Adams and Frank 1980). It contains four enzymatic steps leading to the conversion of L-
hydroxyproline into α-ketoglutarate, a tricarboxylic acid cycle intermediate (Adams and 
Frank 1980, Watanabe et al. 2012). Further, the catabolic pathway for L-hydroxyproline has 
been studied extensively in Ensifer meliloti (White et al. 2012, MacLean et al. 2009). A 
hydroxyproline epimerase mutant strain of E. meliloti was incapable of using L-
hydroxyproline for growth while showing wild-type growth with D-hydroxyproline. 
Interestingly, the expression of several catabolic pathway genes was induced by D-
hydroxyproline in a hydroxyproline epimerase mutant background (White et al. 2012). This 
finding suggests that D-amino acids may occupy very important roles in bacterial physiology, 
such as signaling molecules. 
We also aimed to understand whether the soil bacterial community reacts differently 
to hydroxyproline epimers by treating soil with either L-hydroxyproline or D-hydroxyproline 
and searched for bacterial groups differentially abundant in these treatments. Members of 
the bacterial community that become more abundant in the L-hydroxyproline treatment may 
indicate organisms that catabolize hydroxyproline through an alternative pathway not 
involving D-hydroxyproline, or lack efficient transport systems to take up D-hydroxyproline. 
On the other hand, bacterial groups that become more abundant in the D-hydroxyproline 
treatment are candidates that have specific epimerase enzymes and may be adapted to gain 
competitive advantage in microenvironments where this isomer could be present. 
Materials and Methods 
Experimental setup 
We used a Maury silt loam (fine, mixed, semiactive, mesic Typic Paleudalf) collected 
from the surface 10–15 cm of a pasture at the University of Kentucky Spindletop Farm that 
had not been fertilized or planted for the last five years. The soil was sieved (4 mm), dried at 
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room temperature and stored in a closed plastic container at room temperature until use. 
Basic soil properties were determined at the University of Kentucky Regulatory Services Soil 
Testing Laboratory (http://soils.rs.uky.edu/tests/methods.php). The soil texture was 18.5% 
sand, 64.1% silt, and 17.4% clay. The pH was 5.95 (with 1 M KCl) and the buffered pH was 
7.03 (with Sikora buffer (Sikora 2006)). The soil contained 4.49% organic matter and 0.25% 
total nitrogen. The cation exchange capacity was 25.95 meq/100 g, the base saturation 
87.77% and the exchangeable K, Ca, Mg, and Na were 0.36, 17.85, 4.55, and 0.02 meq/100 
g. Mehlich III extractable P, K, Ca, Mg, and Zn were 243.5, 110.0, 2925.5, 486.5, and 1.2 
mg/kg. To activate dormant microorganisms and remove germinating seeds, the soil was 
placed into a plastic tray and moistened with distilled water seven days before the start of the 
experiment. The tray was incubated in the dark at room temperature (21°C), and the soil was 
mixed daily with adding distilled water as needed to maintain 0.2 g water per gram soil 
moisture content. Emerging seedlings were removed. 
We used 24-well TC-treated polystyrene sterile plates (Corning product #3524) 
without their cover plates as incubation vessels. Wells were filled with 1.20 g soil. After 
randomly assigning wells to treatments, 300 µl treatment solution was slowly pipetted to 
each well and the plates were placed into a single plastic container lined with moistened 
paper towels and hermetically sealed to minimize moisture loss from the soil by evaporation. 
The addition of the treatment solution increased the water content of the soil to 0.383–0.386 
g per gram soil, which was close to the field capacity. The container was kept in the dark at 
room temperature (21°C). 
The treatment solution was either distilled water (control), or 14.567 g/L L-
hydroxyproline (Sigma-Aldrich, USA), or 14.567 g/L D-hydroxyproline (Sigma-Aldrich, 
USA). Solutions were sterilized by filtration (0.22 µm). The L- and D-hydroxyproline 
treatments meant adding 2 mg C g-1 soil (dry weight), which equals the concentration used 
by Schutter and Dick (2001). The water treatment had 26 replicates: six were sampled half an 
hour after adding the treatment solution (day zero samples), ten were sampled 72 hours (day 
three samples) and ten 168 hours (day seven samples) after the start of the experiment. The 
L- and D-hydroxyproline treatments each had 20 replicates: ten sampled at day three, and ten 
sampled at day seven. 
At sampling, the soil in the well of the polystyrene plate was mixed with a sterile 
spatula and 250 mg was taken directly for DNA extraction with Power Soil DNA Isolation 
43 
 
Kit (MO BIO Laboratories, USA). Wells with seedlings were not sampled. We obtained six 
samples from day zero, ten from day three, and eight from day seven from the controls; ten 
samples from day three, and ten from day seven from the L-hydroxyproline treatment; nine 
samples from day three, and nine from day seven from the D-hydroxyproline treatment. 
16S rRNA gene amplicon sequencing and data processing 
We used the primers of Kozich et al. (2013) to target the V4 region of the 16S gene 
with PCR: 22.5 µl AccuPrime Pfx SuperMix (Invitrogen, USA), 7.5 ng DNA, and 7.5 pmol 
forward and reverse primers (Integrated DNA Technologies, USA) in 25 µl final volume. 
The reactions were run with 4 min initial denaturation at 95°C followed by 30 cycles of 20 s 
at 95°C, 15 s at 55°C, and 2 min at 68°C, and a final extension for 10 min at 68°C in a Bio-
Rad My Cycler version 1.065 thermocycler (Bio-Rad, USA). Agarose gel electrophoresis was 
used to check the size and quality of the PCR products. Quantification, clean up, and 
sequencing on an Illumina MiSeq instrument with a 500 cycle v2 kit (Illumina, USA) was 
performed following the protocol of Kozich et al. (2013) at the University of Kentucky 
Advanced Genetics Technologies Center. 
We followed the MiSeq SOP (http://www.mothur.org/wiki/MiSeq_SOP, accessed 
June 2015) in mothur v1.35.1 (Schloss et al. 2009) to join forward and reverse sequence 
reads, and discard low quality, chimeric, mitochondrial, chloroplast, archaeal, eukaryotic, and 
unclassifiable sequences using the SILVA alignment (Pruesse et al. 2007) release 119, and the 
Ribosomal Database Project (Cole et al. 2014) version 14 reference files. We used minimum 
entropy decomposition (MED) (Eren et al. 2014) to assign sequences to operational 
taxonomic units (OTUs) with m = 0.0965, c = 4, M = (number of sequences in the dataset / 
10 000), and V = 3. A representative sequence from each OTU was classified using mothur 
according to the Ribosomal Database Project release 14. Only taxonomic assignments with 
70% or higher bootstrap support were accepted. 
We did not rarefy the dataset (McMurdie and Holmes 2014). To compare the soil 
bacterial community structure in the treatments, we used non-metric multidimensional 
scaling (NMS) and multi-response permutation procedure (MRPP) (McCune et al. 2002) 
with Euclidean distances after centered log-ratio (CLR) transformation (Aitchison 1986, 
Fernandes et al. 2014). CLR was performed in R version 3.2.1 (www.R-project.org) with the 
compositions package (Van Der Boogaart and Tolosana-Delgado 2006) after replacing the 
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zeroes (1.69% of the matrix cells) in the data matrix with ones. MRPP and NMS were run in 
PC-ORD 6.0 (MJM Software Design, USA). For NMS 250 runs were performed with 
random starting configurations in one to six dimensions to find the best starting 
configurations in each dimensionality with a 10-7 instability criterion, 0.2 initial step length 
and 500 maximum iterations. Statistics for the final stress for each dimensionality were 
obtained from 250 runs with randomized data. Dimensions were only accepted if they 
decreased the stress at least by four (on a scale of 0–100) and to a lower value than in 95% 
of the randomized runs. The final run was conducted using the determined best starting 
configuration and number of dimensions. Evenness, Shannon, and Simpson diversity indices 
were calculated in PC-ORD 6.0 without applying CLR transformation to the dataset. These 
indices were analyzed in JMP 10.0.0 (SAS Institute, USA) with Tukey’s HSD test. 
Based on the recommendations of McMurdie and Holmes (2014) we used DESeq2 
(Love et al. 2014) (without CLR transformation) to compare the abundance of each OTU in 
the control, L-hydroxyproline, and D-hydroxyproline treatments. The analysis was conducted 
in R with the DESeq2 package version 1.8.1 (Love et al. 2014). We used the p-values to 
compute q-values (Storey and Tibshirani 2003) that estimate the proportion of false positive 
findings in the dataset if tests with equal or lower p-values are accepted as significant, using 
QVALUE (http://genomine.org/qvalue) with the smoother option. 
Results 
We obtained 15,333–128,348 sequences from the samples with 253 bp average read 
length forming 1226 OTUs. On the NMS plot (Figure 3.1) the samples formed three groups 
separated by large distances indicating large differences in the bacterial community structure 
between these groups. One group contains the day zero, day three, and day seven control 
samples, the second one the samples from the L- and D-hydroxyproline treatments from day 
seven, and the third group, most distant from the control samples, the L- and D-
hydroxyproline treatments from day three. The MRPP results (Table 3.1) indicate that the 
bacterial community structure was significantly different in all the treatments. The size of the 
difference is described by the A-value which is the chance-corrected within-group 
agreement. A = 1 if all samples were identical within the treatments, and A = 0 if the 
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heterogeneity within the compared treatments was equal to the expectation by chance. 
According to the A-value from the comparisons of the day zero, day three, and day seven 
control samples, adding water to the soil had a relatively large effect on the bacterial 
community structure between day zero and day three, but the bacterial community structure 
didn’t change much between day three and day seven. The biggest differences (largest A-
values) in the dataset were between the day three L- and D-hydroxyproline treatments and 
the day three control samples. At day seven, the soil bacterial community structure was also 
very different in the L- and D-hydroxyproline treatments compared to the control, but the 
A-values were somewhat lower. The difference in the bacterial community structure 
between the L- and D-hydroxyproline treatments was small (low A-values) but significant at 
both day three and day seven. 
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Figure 3.1. NMS ordination plot. Points represent samples, crosses are group centroids. 
Samples of the same treatment are enclosed in convex hulls. Stress is 4.50 on a scale of 0 to 
100. (Treatments: ● day zero, ♦ day three control, ● day seven control, ▲ day three L-
hydroxyproline, ■ day three D-hydroxyproline, ▲ day seven L-hydroxyproline, and ■ day 
seven D-hydroxyproline) 
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Table 3.1. Multi-response permutation procedure (MRPP) results. 
 
The A-values are the chance-corrected within-group agreements and describe the effect size. 
Corrected p-values were calculated using the Bonferroni method. C: control, L: L-
hydroxyproline treatment, D: D-hydroxyproline treatment. 
The bacterial communities were equally even and diverse in the day zero, day three, 
and day seven control samples (Table 3.2). Diversity and evenness was significantly lower at 
day three in the L- and D-hydroxyproline treatments compared to the control, but increased 
by day seven. However, evenness and Shannon diversity was still significantly lower in the L- 
and D-hydroxyproline treatments than in the control at day seven. There was no significant 
difference in evenness and diversity between the L-hydroxyproline and D-hydroxyproline 
treatments at either sampling times. 
Comparison A p Corrected p
day0 - day3 C 0.139 4.13E-05 0.00037
day0 - day7 C 0.163 1.78E-04 0.00160
day3 C - day7 C 0.041 1.10E-05 0.00010
day3 C - day3 L 0.340 6.74E-06 0.00006
day3 C - day3 D 0.337 1.16E-05 0.00010
day3 D - day3 L 0.016 5.26E-06 0.00005
day7 C - day7 L 0.300 1.78E-05 0.00016
day7 C - day7 D 0.283 3.38E-05 0.00030
day7 D - day7 L 0.018 8.62E-05 0.00078
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Table 3.2. Diversity indices. 
 
Average ± standard deviation. C: control, L: L-hydroxyproline treatment, D: D-
hydroxyproline treatment. Significant differences (p < 0.05 on Tukey's HSD test) are 
indicated with capital letters. 
Comparing the abundance of each OTU between the day three control and L-
hydroxyproline treatment with DESeq2 showed that most OTUs were affected by the 
addition of L-hydroxyproline. The largest q-value in the dataset was 0.37 (Table S3.1) thus 
the majority of the OTUs can be considered significantly differentially abundant. Most of the 
OTUs had a small increase in their relative abundance in the L-hydroxyproline treatment 
compared to the control. A small fraction of the OTUs however had a large increase: 25 of 
the 1226 OTUs had over 100-fold higher relative abundance in the L-hydroxyproline 
treatment (Table 3.3). These OTUs were classified into genera Dyadobacter, Fluviicola, 
Flavobacterium, Pedobacter, Paenibacillus, Bacteriovorax, Bdellovibrio, Cystobacter, Acinetobacter, and 
Pseudomonas. OTU#5138 classified as Pseudomonas contained 0.050 ± 0.016% and 35.17 ± 
7.80% of the sequences in the day three control and L-hydroxyproline treatment samples 
respectively. OTU#2423 belonging to genus Acinetobacter had 0.048 ± 0.013% and 12.55 ± 
2.73% of the sequences in the day three control and L-hydroxyproline treatment samples 
respectively. Fluviicola OTU#6015 contained 0.065 ± 0.027% and 3.84 ± 0.79% of the 
sequences in the day three control and L-hydroxyproline treatment samples respectively. 
These three OTUs were not abundant in the soil, but became the three most abundant ones 
in the L-hydroxyproline treatment at day three dominating the bacterial community. 
Evenness Shannon diversity Simpson diversity
day0 0.906 ± 0.0027 A 6.42 ± 0.015 A 0.996 ± 0.0002 A
day3 C 0.905 ± 0.0043 A 6.41 ± 0.029 A 0.996 ± 0.0002 A
day3 D 0.613 ± 0.0560 C 4.35 ± 0.389 C 0.880 ± 0.0471 B
day3 L 0.579 ± 0.0535 C 4.11 ± 0.381 C 0.852 ± 0.0535 B
day7 C 0.916 ± 0.0063 A 6.48 ± 0.044 A 0.997 ± 0.0003 A
day7 D 0.845 ± 0.0136 B 6.01 ± 0.096 B 0.981 ± 0.0043 A
day7 L 0.825 ± 0.0122 B 5.86 ± 0.088 B 0.974 ± 0.0043 A
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Table 3.3. DESeq2 results: OTUs with over 100-fold higher relative abundance in the day 
three L-hydroxyproline treatment than in the day three control. 
 
Taxonomic classification of the OTUs was based on representative sequences from each 
OTU classified according to the Ribosomal Database Project release 14. Only taxonomic 
assignments with higher than 70% bootstrap support are listed . 
The results were similar at day seven: the largest q-value in the dataset was 0.29 
(Table S3.2) in the comparison of the control and the L-hydroxyproline treatment samples. 
Most of the OTUs had a small increase in their relative abundance in the L-hydroxyproline 
treatment, but 13 OTUs had over 100-fold higher relative abundance than in the control 
(Table 3.4). These OTUs were classified into genera Dyadobacter, Flavobacterium, Paenibacillus, 
Bacteriovorax, Bdellovibrio, and Pseudomonas. All the 13 OTUs had many folds higher relative 
abundance in the L-hydroxyproline treatment compared to the control at day three too, 
except for OTU#10697 classified as Bdellovibrio. There were five OTUs in the dataset 
classified into this genus (OTU#5556, 5764, 10696, 10697, and 10698). All of them were 
below detection limit (zero relative abundance) in most of the day zero, day three, and day 
seven control samples. At day three OTU#5764 was the most abundant from genus 
Bdellovibrio in the L-hydroxyproline treatment with 1761.7-fold higher relative abundance 
than in the control. In the day seven L-hydroxyproline treatment samples the relative 
OTU#
Mean Normalized 
Abundance
Fold Change q -value Phylum Classis Ordo Familia Genus
5138 19355.3 1865.9 0 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas
1414 511.4 1780.0 1.03E-102 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
1102 238.1 1762.6 1.88E-48 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Bacteriovorax
5764 152.8 1761.7 1.47E-41 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
2423 6648.1 669.4 0 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter
11057 195.6 642.1 1.50E-85 Bacteroidetes Flavobacteriia Flavobacteriales Cryomorphaceae Fluviicola
7286 55.0 522.0 1.08E-33 unclassified
7097 58.2 345.4 6.46E-42 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
6185 20.2 295.0 2.72E-20 unclassified
13028 29.8 293.6 2.11E-26 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas
11058 203.5 260.2 2.24E-96 Bacteroidetes Flavobacteriia Flavobacteriales Cryomorphaceae Fluviicola
1434 25.0 251.9 1.45E-24 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
1530 21.5 246.3 2.65E-17 Proteobacteria Alphaproteobacteria
1572 15.5 244.6 9.89E-19 unclassified
1271 30.5 188.3 1.11E-32 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
1276 52.2 180.9 4.97E-53 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
8318 21.9 178.8 7.33E-27 Firmicutes Bacilli Bacillales Paenibacillaceae Paenibacillus
1097 64.8 156.6 2.80E-69 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Bacteriovorax
6015 2037.3 155.5 0 Bacteroidetes Flavobacteriia Flavobacteriales Cryomorphaceae Fluviicola
1285 7.5 132.1 5.11E-14 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
6016 28.5 129.3 1.89E-36 Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter
2448 10.8 123.6 7.20E-18 Firmicutes Bacilli Bacillales Paenibacillaceae
1269 18.5 116.0 5.39E-26 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
10043 67.7 114.0 4.97E-53 Proteobacteria Deltaproteobacteria Myxococcales Cystobacteraceae Cystobacter
7103 23.0 103.8 1.00E-31 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
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abundance of OTU#5764 was much lower and OTU#10696 became the most abundant 
OTU within this genus. OTU#5556, 10697, and 10698 (Tables S3.1 and S3.2)  were below 
detection limit in the day zero, day three, and day seven control samples, and day three L-
hydroxyproline treatment samples, but had similar relative abundance in the day seven L-
hydroxyproline treatment samples than OTU#5764. OTUs from genera Acinetobacter and 
Fluviicola were the second and third most abundant OTUs in the L-hydroxyproline treatment, 
and had over 100-fold higher relative abundance than in the control at day three (Table 3.3), 
but not at day seven (Table 3.4). Pseudomonas OTU#5138 was the most abundant OTU in 
the day seven L-hydroxyproline treatment samples, like in the day three samples, but 
contained a smaller fraction of the sequences: 15.11 ± 1.45%. The next three most abundant 
OTUs  in the day seven L-hydroxyproline treatment samples were OTU#6089 classified into 
genus Duganella, OTU#10696 classified as Bdellovibrio and OTU#9923 belonging to the 
Sphingomonadaceae family. OTU#9923 was the most abundant OTU in the day thee, and day 
seven control samples. 
Table 3.4. DESeq2 results: OTUs with over 100-fold higher relative abundance in the day 
seven L-hydroxyproline treatment than in the day seven control. 
 
Taxonomic classification of the OTUs was based on representative sequences from each 
OTU classified according to the Ribosomal Database Project release 14. Only taxonomic 
assignments with higher than 70% bootstrap support are listed. Fold change values from the 
comparison of the day three control and L-hydroxyproline treatment samples are included. 
There were 47 OTUs with significantly different abundances with q-values < 0.1 in 
the day three L- and D-hydroxyproline treatments (Table 3.5). From these OTUs 33 were 
more abundant in the D-hydroxyproline treatment containing 1.78 ± 0.25% and 3.16 ± 
OTU#
Mean Normalized 
Abundance
Fold Change q
Fold Change 
at Day Three
Phylum Classis Ordo Familia Genus
10696 468.7 798.9 1.08E-105 66.1 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
1102 123.8 486.8 3.49E-41 1762.6 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Bacteriovorax
5138 4253.1 308.5 0 1865.9 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas
10697 41.1 265.1 1.68E-19 1.7 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
1269 20.5 183.5 2.44E-17 116.0 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
1414 48.3 175.0 6.61E-32 1780.0 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
5764 28.4 166.2 1.32E-21 1761.7 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
7095 33.9 157.3 3.96E-26 41.4 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
8318 25.5 156.0 3.32E-21 178.8 Firmicutes Bacilli Bacillales Paenibacillaceae Paenibacillus
8179 16.9 154.3 4.55E-16 83.5 Firmicutes Bacilli Bacillales Paenibacillaceae Paenibacillus
1285 14.2 133.1 6.99E-15 132.1 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
1271 23.6 108.8 1.34E-21 188.3 Bacteroidetes Cytophagia Cytophagales Cytophagaceae Dyadobacter
8182 16.2 104.1 2.28E-17 82.4 Firmicutes Bacilli Bacillales Paenibacillaceae Paenibacillus
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0.41% of the sequences in the L- and D-hydroxyproline treatments respectively, and 14 were 
more abundant in the L-hydroxyproline treatment containing 2.04 ± 0.47% and 1.22 ± 
0.21% of the sequences in the L- and D-hydroxyproline treatments respectively. Most of the 
47 OTUs didn’t show a big difference in relative abundance between the day three control 
and L-hydroxyproline treatment samples (Table 3.3, Table S3.1) except Bacteriovorax 
OTU#1102, Bdellovibrio OTU#5764, Fluviicola OTU#11057, and OTU#6185 and 1572 
which were not classifiable at phylum level with higher than 70% bootstrap support. The 
difference of the relative abundance of most of the 47 OTUs between the L- and D-
hydroxyproline treatments was small, only four OTUs had fold change values higher then 
two. These OTUs were classified into genera Massilia, Phenylobacterium and Cupriavidus, and 
were all more abundant in the D- than in the L-hydroxyproline treatment. Massilia and 
Phenylobacterium were represented by 13 and 9 OTUs in the dataset respectively, while only 
two OTUs were classified as Cupriavidus, both with over two fold higher abundances in the 
D- than in the L-hydroxyproline treatment. 
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Table 3.5. DESeq2 results: Differentially abundant OTUs between the day three L- and D-
hydroxyproline treatments (q-values < 0.1). 
 
Taxonomic classification of the OTUs was based on representative sequences from each 
OTU classified according to the Ribosomal Database Project release 14. Only taxonomic 
assignments with higher than 70% bootstrap support are listed. 
Comparing the day seven L- and D-hydroxyproline treatments, there were 56 OTUs 
with significantly different abundances with q-values < 0.1 (Table 3.6). Thirty-one of them 
were more abundant in the D-hydroxyproline treatment containing 2.72 ± 0.19% and 4.40 ± 
0.25% of the sequences in the L- and D-hydroxyproline treatments respectively, and 25 were 
more abundant in the L-hydroxyproline treatment containing 21.47 ± 1.53% and 16.71 ± 
OTU#
Mean Normalized 
Abundance
Fold Change q Phylum Classis Ordo Familia Genus
11079 26.1 4.96 1.46E-26 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia
12392 35.8 3.66 1.77E-26 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Phenylobacterium
3602 16.9 2.76 1.89E-10 Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus
3607 19.8 2.73 1.91E-11 Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus
2567 40.7 1.98 3.61E-07 Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter
7839 5.1 1.82 1.30E-02 Verrucomicrobia Spartobacteria
2268 22.1 1.74 6.77E-04 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Brevundimonas
1104 13.0 1.73 3.83E-03 unclassified
8242 32.2 1.73 1.75E-05 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Peredibacter
1572 30.9 1.70 5.80E-03 unclassified
1163 47.6 1.69 2.72E-06 Proteobacteria Alphaproteobacteria Sphingomonadales Erythrobacteraceae Altererythrobacter
10006 14.5 1.68 1.07E-02 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Caulobacter
4632 9.1 1.66 3.11E-02 cand. div. WPS-2
6719 16.6 1.62 5.37E-03 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
7937 324.3 1.61 2.91E-19 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
10061 29.9 1.60 2.70E-03 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae
12391 43.2 1.58 1.22E-05 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Phenylobacterium
6720 12.0 1.58 1.95E-02 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
6482 149.3 1.58 3.08E-10 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
9857 22.6 1.57 8.16E-02 Acidobacteria Subdivision 4
6185 38.7 1.57 7.28E-02 unclassified
10062 8.7 1.56 8.16E-02 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae
6718 22.1 1.53 9.24E-03 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
12075 13.4 1.51 7.28E-02 Proteobacteria Betaproteobacteria Nitrosomonadales Nitrosomonadaceae Nitrosospira
12942 50.5 1.47 6.81E-04 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
2147 53.0 1.44 8.83E-03 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
3031 43.7 1.42 5.80E-03 Planctomycetes Planctomycetia Planctomycetales Planctomycetaceae Planctomyces
11731 19.7 1.41 9.69E-02 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
12626 60.9 1.40 1.64E-02 Actinobacteria Actinobacteria Actinomycetales Micrococcaceae Arthrobacter
7077 31.4 1.37 9.69E-02 Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium
11057 317.9 1.36 3.45E-02 Bacteroidetes Flavobacteriia Flavobacteriales Cryomorphaceae Fluviicola
6434 47.6 1.35 7.28E-02 Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Ensifer
8377 72.0 1.27 9.43E-02 cand. div. WPS-2
2426 6.2 1.82 1.30E-02 Firmicutes Bacilli Bacillales Paenibacillaceae Cohnella
5764 159.9 1.82 2.97E-05 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
1102 229.9 1.68 7.06E-02 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Bacteriovorax
11902 9.4 1.68 3.11E-02 Actinobacteria Actinobacteria
6428 16.6 1.67 5.37E-03 Proteobacteria Alphaproteobacteria Rhizobiales
10873 10.3 1.63 3.11E-02 Actinobacteria Actinobacteria Solirubrobacterales Solirubrobacteraceae Solirubrobacter
5781 12.8 1.62 1.64E-02 Actinobacteria Actinobacteria Acidimicrobiales Acidimicrobiaceae Ilumatobacter
11089 27.0 1.58 2.96E-03 Acidobacteria Subdivision 6
7837 9.8 1.57 8.16E-02 Actinobacteria Actinobacteria Actinomycetales Geodermatophilaceae
12555 8.3 1.56 9.69E-02 Verrucomicrobia Spartobacteria
6880 15.9 1.48 8.16E-02 Proteobacteria Alphaproteobacteria Rhizobiales Methylobacteriaceae Microvirga
11139 18.0 1.46 6.13E-02 Acidobacteria Subdivision 6
6089 553.3 1.43 4.74E-03 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Duganella
7401 95.6 1.28 3.29E-02 Bacteroidetes Sphingobacteriia Sphingobacteriales Chitinophagaceae
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1.69% of the sequences in the L- and D-hydroxyproline treatments respectively. The majority 
of these 56 OTUs were not among those that had the highest differences in relative 
abundance between the day seven control and L-hydroxyproline treatment samples (Tables 
3.4 and S3.2) except Bacteriovorax OTU#1102, Bdellovibrio OTU#5764, and Pseudomonas 
OTU#5138. The difference of the relative abundance of most of the 56 OTUs between the 
L- and D-hydroxyproline treatments was small. There were six OTUs with fold change values 
higher then two: Cupriavidus OTU#3602 and Nannocystaceae OTU#2850 were over two fold 
more abundant in the D- than in the L-hydroxyproline treatment, while Pedobacter 
OTU#9267, Duganella OTU#6089, Bacteriovorax OTU#1102, and Bdellovibrio OTU#5764 
were over two fold more abundant in the L- than in the D-hydroxyproline treatment. 
Cupriavidus OTU#3602 had a similar fold change value at day three (Table 3.5). Nannocystaceae 
OTU#2850 showed no significant difference in abundance between the day three L- and D-
hydroxyproline treatment samples. It had only 1.55-fold higher abundance in the L-
hydroxyproline treatment compared to the control at day three, but 9.99-fold higher 
abundance at day seven (Tables S3.1 and S3.2). Pedobacter OTU#9267 had no significant 
difference in abundance between the day three L- and D-hydroxyproline treatment samples. 
It was 48.5- and 85.0-fold more abundant in the L-hydroxyproline treatment than in the 
control at day three and day seven respectively. Duganella OTU#6089, Bacteriovorax 
OTU#1102, and Bdellovibrio OTU#5764 were more abundant in the L- than in the D-
hydroxyproline treatment at day three (Table 3.5), but with lower fold-change values than at 
day seven (Table 3.6). 
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Table 3.6. DESeq2 results: Differentially abundant OTUs between the day seven L- and D-
hydroxyproline treatments (q-values < 0.1). 
 
Taxonomic classification of the OTUs was based on representative sequences from each 
OTU classified according to the Ribosomal Database Project release 14. Only taxonomic 
assignments with higher than 70% bootstrap support are listed. The q-values from the 
comparison of the day three L- and D-hydroxyproline treatment samples are included. 
OTU#
Mean Normalized 
Abundance
Fold Change q q  at Day Three Phylum Classis Ordo Familia Genus
3602 16.0 2.87 4.35E-15 0.0000 Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus
2850 60.1 2.11 2.15E-08 0.3359 Proteobacteria Deltaproteobacteria Myxococcales Nannocystaceae
11079 7.3 1.87 1.75E-03 0.0000 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia
11663 17.8 1.85 7.70E-05 0.3445 Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Rhizobium
12626 30.1 1.80 1.38E-05 0.0164 Actinobacteria Actinobacteria Actinomycetales Micrococcaceae Arthrobacter
1104 36.6 1.74 1.38E-05 0.0038 unclassified
3607 11.3 1.71 4.85E-03 0.0000 Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Cupriavidus
10061 69.0 1.70 4.40E-07 0.0027 Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae
4632 14.0 1.57 1.05E-02 0.0311 cand. div. WPS-2
12392 57.9 1.52 2.23E-02 0.0000 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Phenylobacterium
4789 53.3 1.51 8.05E-02 0.8142 Proteobacteria Deltaproteobacteria Myxococcales Polyangiaceae Byssovorax
12486 9.5 1.51 6.57E-02 0.8616 Verrucomicrobia Spartobacteria
12483 7.8 1.49 9.19E-02 0.8240 Verrucomicrobia Spartobacteria
10003 13.2 1.48 6.06E-02 0.3543 Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Phenylobacterium
10386 12.5 1.47 6.57E-02 0.8219 Verrucomicrobia Spartobacteria
1163 86.4 1.46 4.01E-04 0.0000 Proteobacteria Alphaproteobacteria Sphingomonadales Erythrobacteraceae Altererythrobacter
8338 12.7 1.46 8.38E-02 0.8285 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Peredibacter
11731 34.9 1.46 1.13E-02 0.0969 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
8792 76.5 1.44 2.67E-03 0.4322 Actinobacteria Actinobacteria Gaiellales Gaiellaceae Gaiella
7937 270.8 1.43 3.75E-08 0.0000 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
1954 26.8 1.43 7.27E-02 0.7580 Actinobacteria Actinobacteria Solirubrobacterales Solirubrobacteraceae Solirubrobacter
11711 31.5 1.42 2.98E-02 0.6321 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
3031 66.5 1.42 1.23E-03 0.0058 Planctomycetes Planctomycetia Planctomycetales Planctomycetaceae Planctomyces
8377 107.9 1.40 7.59E-04 0.0943 cand. div. WPS-2
12337 87.1 1.38 5.76E-03 0.6728 Acidobacteria Subdivision 4
1429 19.2 1.37 6.82E-02 0.8616 Bacteroidetes Sphingobacteriia Sphingobacteriales Chitinophagaceae
12075 57.7 1.35 1.76E-02 0.0728 Proteobacteria Betaproteobacteria Nitrosomonadales Nitrosomonadaceae Nitrosospira
10213 54.2 1.34 4.90E-02 0.5325 unclassified
12352 60.7 1.34 5.15E-02 0.4446 Acidobacteria Subdivision 4
2147 41.9 1.32 2.99E-02 0.0088 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
6482 183.1 1.31 1.53E-03 0.0000 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
9267 28.9 2.89 2.46E-11 0.3038 Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter
6089 526.6 2.16 1.81E-16 0.0047 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Duganella
1102 133.2 2.11 5.91E-05 0.0706 Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae Bacteriovorax
5764 34.1 2.03 1.38E-05 0.0000 Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio
12058 20.0 1.99 4.14E-06 0.1435 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
12867 165.8 1.88 8.15E-07 0.7636 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia
9225 14.7 1.73 4.85E-03 0.8616 Bacteroidetes
3668 22.7 1.71 1.04E-03 0.5710 Bacteroidetes
6016 28.8 1.62 4.85E-03 0.4515 Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter
6076 67.1 1.62 1.44E-05 0.2903 Acidobacteria Subdivision 6
9302 8.0 1.56 5.40E-02 0.6870 Bacteroidetes
2423 59.6 1.54 2.98E-02 0.5632 Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter
12868 417.4 1.43 1.38E-05 0.8142 Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia
4786 15.3 1.42 6.57E-02 0.7719 Proteobacteria
4240 25.8 1.42 5.98E-02 0.3573 Acidobacteria Subdivision 17
11089 23.2 1.41 3.14E-02 0.0030 Acidobacteria Subdivision 6
11675 39.6 1.37 5.77E-02 0.7604 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
12147 20.5 1.35 8.97E-02 0.8219 Acidobacteria Subdivision 7
11205 144.9 1.34 4.85E-03 0.6294 Acidobacteria Subdivision 6
8071 60.7 1.30 3.04E-02 0.8427 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas
9896 92.1 1.26 5.47E-02 0.8331 Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae
11476 216.9 1.25 3.03E-02 0.6826 Acidobacteria Subdivision 6
9301 123.5 1.25 3.04E-02 0.7075 Bacteroidetes
7938 124.4 1.21 7.98E-02 0.7679 Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae
5138 6601.3 1.20 6.82E-02 0.6580 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas
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Discussion 
Comparing the controls from the three sampling times revealed that there was a 
much bigger change in soil bacterial community structure between day zero and three than 
between day three and seven (Table 3.1). This is likely due to increasing the soil moisture 
content at the start of the experiment. It has been shown that fluctuation of the soil moisture 
content affects the bacterial community structure (Kaisermann 2015); thus, we can expect 
the perturbation of adding the water to the soil to trigger some change. The day zero control 
samples were collected 30 minutes after adding water to the soil, which time is too short for 
the microbiota to reach a stable state adapted to the higher moisture content. The fact that 
the difference in community structure is very small between the day three and day seven 
control samples indicate that the bacterial community got close to a stable state by the third 
day after adding water to the soil. 
Comparing to the control, we observed a strong response in the bacterial community 
structure to the L-hydroxyproline treatment with the majority of the detected OTUs being 
significantly affected at both sampling times. Three OTUs, classified as Pseudomonas, 
Acinetobacter, and Fluviicola that were minor components of the bacterial community in the 
control samples were very dominant in the L-hydroxyproline treatment at day three together 
taking up close to half of the 16S sequences obtained from these samples. This is reflected 
by the significant decrease in evenness and diversity (Table 3.2). Similarly to our results, 
adding other low molecular weight organic compounds common in rhizodeposits to soil has 
been shown to have a substantial effect on bacterial community structure (Eilers et al. 2010), 
and bacterial diversity can be lower in the rhizosphere than in the bulk soil that doesn’t 
receive the rhizodeposits (Peiffer et al. 2013). Schutter and Dick (2001) also found the 
microbial community very different in the soil seven days after hydroxyproline amendment 
compared to the control based on community fatty acid profiles. On the other hand, they 
reported no significant difference in diversity between the control and hydroxyproline 
treatment at day three and seven and only a slight decrease in evenness at day seven, and 
none at day three. However, the evenness and diversity of community fatty acid profiles may 
not be precise measures of the taxonomic evenness and diversity of the microbiota because 
most fatty acids are produced by many different microbial groups (Mrozik et al. 2014). In 
our experiment the bacterial community structure in the L-hydroxyproline treatment at day 
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seven was still very different from the control, but the magnitude of the difference was 
smaller than at day three (Table 3.1), and evenness and diversity also increased significantly. 
Further, the above mentioned three OTUs decreased in relative abundance in the L-
hydroxyproline treatment from day three to day seven, and the Sphingomonadaceae OTU that 
was the most abundant OTU in the control samples was also among the most dominant 
ones in the L-hydroxyproline treatment at day seven. These findings indicate that the effect 
of the L-hydroxyproline amendment on the bacterial community structure is wearing off by 
day seven. 
The OTUs that showed the most dramatic increase in abundance due to the L-
hydroxyproline treatment at day three, were classified as Dyadobacter, Fluviicola, Flavobacterium, 
Pedobacter (phylum Bacteriodetes), Paenibacillus (phylum Firmicutes), Bacteriovorax, Bdellovibrio, 
Cystobacter, Acinetobacter, and Pseudomonas (phylum Proteobacteria). The genus Pseudomonas as well 
as phylum Bacteriodetes are dominant members of the rhizosphere bacterial communities 
(Buée et al. 2009). Several strains of Dyadobacter and Pedobacter were also isolated from the 
rhizosphere of different plants (Liu et al. 2006, Dong et al. 2007, Lee et al. 2010, Kwon et al. 
2007 and 2011), just like Paenibacillus and Acinetobacter, which can also be plant growth 
promoting (Seldin 2011, Sachdev et al. 2010). The proliferation of OTUs from genera that 
can be considered typical rhizosphere bacteria in our L-hydroxyproline treatment indicates 
the importance of hydroxyproline from rhizodeposits in shaping the rhizosphere bacterial 
community. Known Bacteriovorax and Bdellovibrio species are obligate predatory bacteria 
present in diverse environments including soil (Davidov et al. 2006). They are generally 
found in low abundance but can rapidly proliferate if their prey bacteria are abundant (Chen 
et al. 2011). Cystobacter species can also be predators of other bacteria present in soil (Wu et 
al. 2005). It is likely that the Bacteriovorax, Bdellovibrio and Cystobacter OTUs we found in the 
hydroxyproline treatments represent predators of the other bacteria that showed intense 
proliferation due to the amino acid amendment. Among the five Bdellovibrio OTUs different 
ones were dominant in the day three and day seven samples. This could be because of the 
significant change in the bacterial community structure (Table 3.1) between the two sampling 
times. It has been shown that different prey bacteria can trigger the proliferation of different 
members of the predator community (Chen et al. 2011 and 2012); thus, a significantly 
different soil bacterial community structure means different available prey community, which 
may select for different predators. 
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Finding OTUs that represent predatory bacteria significantly different in abundance 
between the controls and the hydroxyproline treatments highlights that our experimental 
setup cannot distinguish direct and indirect effects. Some of the OTUs may not have reacted 
to the L- or D-hydroxyproline directly but to the proliferation of other microbes, or 
compounds produced by other members of the community. 
Interestingly the soil bacterial community gave a very similar reaction to the two 
hydroxyproline stereoisomers. The difference between the bacterial community structure in 
the L- and D-hydroxyproline treatments was significant, but very small both at day three and 
day seven (Table 3.1), and there was no difference in evenness or diversity (Table 3.2). This 
implies that the majority of the soil bacterial community can utilize L- and D-hydroxyproline 
with similar efficiency, which is in agreement with the notion that the catabolism of L-
hydroxyproline proceeds through D-hydroxyproline in many bacteria. Another explanation 
would be extracellular racemization of hydroxyproline in the soil either by extracellular 
enzymes or abiotic processes. The latter is unlikely as abiotic racemization of amino acids 
happens on geological timescales (Schroeder and Bada 1976). 
We found a number of OTUs differentially abundant between the L- and D-
hydroxyproline treatments at both sampling times. However, in accordance with the small 
difference in bacterial community structure, the combined relative abundance of these 
OTUs represents a very small proportion of the total at day three. They comprise a much 
higher portion of the total abundance at day seven, but only because they include 
Pseudomonas OTU# 5138, which was the most abundant OTU in the hydroxyproline 
treatments, but had the lowest fold change among the OTUs in Table 3.6 with a q-value 
close to 0.1. This suggests that only a small part of the community is affected by the 
difference in the stereochemistry of each hydroxyproline epimer. Interestingly, there were 
more OTUs with higher relative abundance in the D- compared to the L-hydroxyproline 
treatment than OTUs with higher relative abundance in the L- compared to the D-
hydroxyproline treatment at both day three (Table 3.5) and day seven (Table 3.6). This 
suggests that there is a diverse group of soil-dwelling bacteria that have become specialized 
at catabolizing, and/or importing, D-hydroxyproline. Another explanation is a potential role 
of D-hydroxyproline as a signal to break dormancy or influence other cellular processes. 
Although such a role for D-hydroxyproline has not been previously explored, several D-
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amino acids have been identified as regulators of cell wall remodeling in species such as 
Vibrio cholera and Bacillus subtilis (Lam et al. 2009). 
OTUs more abundant in the D- compared to the L-hydroxyproline treatment at day 
three with fold change higher than two included representatives of the genera Massilia, 
Phenylobacterium and Cupriavidus. We have found that sweet corn rhizosphere isolates from 
genus Massilia are capable of catabolizing D-leucine as the only carbon and nitrogen source, 
and Cupriavidus strains from the same soil catabolized D-alanine, D-glutamine, and D-
phenylalanine (unpublished data). We found Arthrobacter OTU#12626 more abundant in the 
D- compared to the L-hydroxyproline treatment both at day three and seven (Tables 3.5 and 
3.6). Intriguingly, several representatives of the genus Arthrobacter isolated from the sweet 
corn rhizosphere soil catabolized each D-enantiomer from a collection of 18 amino acids, 
including D-hydroxyproline (unpublished data). Based on our current results, as well as our 
unpublished data, these specific OTUs are likely directly affected by the D-hydroxyproline 
amendment. The genus Massilia has received an increasing attention in recent years due to its 
common detection in the rhizosphere, or as an endophyte, of several plants such as potatoes, 
sugarcane, poplar, cucumber, and Arabidopsis thaliana (Weinert et al. 2010, Pisa et al. 2011, 
Ulrich et al. 2008, Ofek et al. 2012, Bodenhausen et al. 2013). 
59 
 
SUMMARY 
The rhizosphere, the soil adjacent to the roots directly affected by the plant, harbors 
a microbial community different from the one inhabiting the bulk soil. The rhizosphere 
microbiota is selected from the microorganisms present in the soil, but its composition 
depends not just on soil properties. We are beginning to understand the diverse mechanisms 
through which plants shape the composition and activity of the microbiota in the soil, 
resulting in rhizosphere microbial community profiles characteristic to plant species, 
cultivars, and growth stages. The interaction between plants and soil microbes is however, 
bidirectional. The rhizosphere microbiota greatly influences the nutrient acquisition of the 
plant, it is a source of endophytic organisms that may promote plant growth, but also a 
potential source of pathogens. Therefore, plants can’t thrive without a rhizosphere microbial 
community of appropriate structure and function. Consequently, studying the complex 
network of plant–microbe interactions that occur in the soil directly benefits understanding 
plant ecology and improving production in agriculture. This dissertation is a collection of 
three research projects that aimed to study the response of the soil microbial community to 
factors through which plants shape their rhizosphere microbiota: cultivar-specific differences 
in below-ground traits, flavonoid exudation from the root system, and amino acid cell wall 
components released from plant biomass. 
In the first study we compared the rhizosphere bacterial and fungal communities, 
and the activities of enzymes involved in nutrient cycling in soil, in the rhizospheres of 
domesticated corn cultivars and their wild ancestor, teosinte. As opposed to the 
domesticated cultivars, the teosinte plants induced the formation of a characteristic 
rhizosphere microbiota, but without significantly decreasing soil bacterial and fungal 
diversity. The ability to establish a stable, but diverse rhizosphere microbial community at an 
early growth stage could result in better nutrient acquisition and resistance to soil-borne 
pathogens. This experiment contributes to understanding the effect of domestication on 
below-ground plant properties, which received significantly less attention than shoot 
characteristics during plant breeding. Our results suggest that the wild ancestor of maize 
60 
 
cultivars likely possesses rhizosphere traits that, with further research, could benefit cultivar 
development.   
Plants release a diverse set of metabolites into the soil by root exudation. These 
compounds can serve as nutrient sources for the rhizosphere microbial community, mediate 
signaling between plants and microbes, and inhibit the growth or activity of specific groups 
of microorganisms. Differences in the composition of root exudates can explain differences 
in the structure and function of the rhizosphere microbiota between plant species, or 
between varieties within species. In the second experiment we used a rhizosphere model 
system to identify bacterial groups whose growth is affected by 7,4′-dihydroxyflavone and 
naringenin exudation. The well-known function of these flavonoids in the rhizosphere is to 
induce the expression of nod genes in nitrogen fixing soil bacteria initiating the nodulation of 
legumes. However, we found that 7,4′-dihydroxyflavone exudation in our rhizosphere model 
systems influences the growth of members of Acidobacteria subdivision 4, Gaiella, 
Nocardioidaceae, and Thermomonosporaceae. Members of these taxa are known to interact with 
plants, but the signaling compounds regulating these interactions are currently unknown. 
Our results indicate that 7,4′-dihydroxyflavone is a potential candidate, and future studies 
should investigate the effect of 7,4′-dihydroxyflavone and other root exudate flavonoids on 
the activity of these bacteria in the rhizosphere and root tissues. 
In addition to active exudation, e.g. the secretion of nod gene inducing flavonoids, 
components of the plant biomass are also passively released to the rhizosphere, for example 
by the sloughing off of root cap and rhizodermis cells. The most common amino acid in the 
plant cell wall is hydroxyproline. Therefore, the rhizosphere soil is expected to receive a high 
input of this amino acid, which can be an important carbon and nitrogen source to support 
microbial growth. In the third experiment we investigated the effect of hydroxyproline input 
on the soil bacterial community structure to study its contribution to shaping the 
rhizosphere microbiota. The hydroxyproline amendment induced the proliferation of 
bacterial groups from taxa commonly dominant in the rhizosphere of various plants. This 
indicates that hydroxyproline is likely an important nutrient in the rhizosphere environment. 
The only characterized bacterial pathway of hydroxyproline catabolism starts with the 
conversion of L-hydroxyproline, the isomer present in plant biomass, to D-hydroxyproline. It 
has been hypothesized that this pathway is used by a diverse range of bacteria. The fact that 
we observed very similar responses in the soil bacterial community structure to both 
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hydroxyproline enantiomers supports this notion. However, some bacterial groups, 
representing a small fraction of the community, reacted differently to L- and D-
hydroxyproline. Some of these groups represent taxa from which strains were previously 
isolated from rhizosphere soil that can grow on a variety of D-amino acids as a sole carbon 
and nitrogen source. 
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APPENDICES 
Appendix 1: Promoter-trapping libraries from soil metagenomic DNA 
We constructed promoter-trapping libraries from soil metagenomic DNA and screened 
them for genetic elements expressed in the presence of root exudate flavonoids 7,4′-
dihydroxyflavone and naringenin. Our goal was to identify elements of novel plant–microbe 
signaling pathways mediated by flavonoids. 
Background 
Promoter-trapping libraries have been used to identify genes of catabolic pathways 
from ground water metagenomic DNA (Uchiyama et al. 2005, Uchiyama and Watanabe 
2007), and genes from rhizosphere metagenomic DNA induced by naringenin (Lee et al. 
2011). They rely on a vector with a promoter-less reporter gene, usually green fluorescent 
protein, adjacent to the cloning site. If the insert DNA contains a promoter that is activated 
in the host under the given conditions but doesn’t contain a transcription termination site, 
the reporter gene will be expressed. The library is screened for clones that express the 
reporter gene (i.e. show fluorescence) when exposed to a compound of interest, but do not 
express the reporter gene in the absence of the compound. As an advantage over 
sequencing-based methods like shotgun sequencing the metagenome or metatranscriptome, 
promoter-trapping libraries provide direct evidence that the found genetic elements are 
induced by the compound used in the screening, and they are not constrained by using 
homology to known genes to identify sequences of interest. On the other hand, screening 
promoter-trapping libraries doesn’t allow such a high throughput as current sequencing 
platforms and it is limited by the host organism. 
Preparation of metagenomic DNA 
We used soil DNA extracts from the rhizosphere model systems described in 
chapter 2 that received the high 7,4′-dihydroxyflavone and high naringenin rates. Pooling 500 
ng from each DNA extract, two composite DNA extracts were prepared: one from the 7,4′-
dihydroxyflavone-treated soil samples, and one from the naringenin-treated soil samples. 
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These composite DNA extracts were used to make two promoter-trapping libraries: one to 
screen for genetic elements expressed in the presence of 7,4′-dihydroxyflavone, and one to 
screen for genetic elements expressed in the presence of naringenin respectively. 
The composite DNA extracts were partially digested with FastDigest Sau3IA 
(Thermo Fisher Scientific, USA). Each reaction contained 117.36 ng DNA, 1 µl 2000× 
diluted enzyme, and FastDigest green buffer in 10 µl final volume. Multiple reactions were 
made to process the entire volume of the composite DNA extracts. Reactions were prepared 
on ice, and then incubated at 37°C for 30 min followed by heat inactivation of the enzyme at 
65°C for 20 min in a Bio-Rad My Cycler version 1.065 thermocycler (Bio-Rad, USA). 
Reactions from the same composite DNA extract were pooled and purified with a GeneJET 
PCR clean-up kit (Thermo Fisher Scientific, USA) eluting the DNA in nuclease-free water. 
The size distribution of the digested DNA was checked by agarose gel electrophoresis. 
Preparation of the vector and ligation 
We used pAD123RFP vector (Figure A1.1) constructed by Jeanne Rasbery 
(unpublished) from the pAD123 vector (Dunn and Handelsman 1999) by inserting a 
promoter-less DsRedexpress2 gene adjacent to the cloning site. The vector was cleaved and 
phosphatase-treated by combining 1 µl FastDigest BamHI (Thermo Fisher Scientific, USA), 
1 U Fast AP enzyme (Thermo Fisher Scientific, USA), 1000 ng vector, and FastDigest buffer 
in 20 µl final volume, and incubating the reaction at 37°C for three hours followed by heat 
inactivation of the enzymes at 80°C for 10 min. The product was checked by agarose gel 
electrophoresis. 
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Figure A1.1. Map of the pAD123RFP vector. 
Three ligations were prepared: one with partially digested composite DNA from the 
7,4′-dihydroxyflavone-treated soil samples, one with the partially digested composite DNA 
from the naringenin-treated soil samples, and one control without metagenomic DNA to 
estimate the proportion of clones from the self-ligation of the vector. Reactions contained 
150 ng cleaved and phosphatase-treated pAD123RFP, 12.5 U T4 DNA ligase (Thermo 
Fisher Scientific), 5 µl 50% PEG 4000, T4 ligase buffer and 1035 ng (7,4′-dihydroxyflavone 
ligation) or 1314 ng (naringenin ligation) partially digested composite DNA or nuclease-free 
water (control ligation) in 50 µl final volume. The reactions were incubated at room 
temperature for four and a half hours, then at 4°C for two days. Ligations were terminated 
by heat inactivation of the ligase at 70°C for 10 min, and purified with a GeneJET PCR 
clean-up kit (Thermo Fisher Scientific, USA) eluting the DNA in 20 µl 65°C nuclease-free 
water. DNA concentrations in the ligations were measured with a Synergy HT microplate 
reader using a Take3 plate (BioTek Instruments, USA). The results were 58.26 ng/µl in the 
7,4′-dihydroxyflavone ligation, 82.65 ng/µl in the naringenin ligation and 16.25 ng/µl in the 
ligation without metagenomic DNA. 
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Transformations 
One transformation was performed from each of the three ligation products using 
Escherichia coli EPI300 electrocompetent cells (Epicentre, USA). Five µl of a ligation product 
was added to a 50 µl competent cell stock, mixed with pipetting and transferred to a pre-
cooled 1 mm cuvette before electroporation in a Bio-Rad Gene Pulser Xcell instrument with 
the following settings: 1800 V, 20 μF, 200 Ω. The time constants were 4.1–4.3 ms. One ml 
SOB medium (20 g/L tryptone, 5 g/L yeast extract, 0.5 g/L NaCl, 25 mM KCl, 100 mM 
MgCl2, pH=7) was added to the cells immediately after the pulse and the culture was 
incubated in a 2 ml test tube at 37°C for one hour with 220 rpm shaking. The cultures were 
mixed with 500 µl 60% v/v glycerol, and 50 µl aliquots were frozen and stored at -80°C. 
Determination of ligation efficiency and average insert size 
An aliquot of each of the three transformations were thawed on ice, mixed with SOB 
medium and plated out in 10–1000× dilutions to LB medium (10 g/L tryptone, 5 g/L yeast 
extract, 10 g/L NaCl, 15 g/L agar, pH=7) supplemented with 25 μg/ml chloramphenicol 
(Thermo Fisher Scientific, USA). Colonies were counted after three days of incubation at 
37°C. Colony counts from the transformation from the control ligation with no 
metagenomic DNA were 0.33% and 0.16% of the colony counts from the transformations 
from the 7,4′-dihydroxyflavone and naringenin ligations respectively. 
To determine the average insert size 12–12 randomly picked clones from the 7,4′-
dihydroxyflavone and naringenin libraries were transferred to 3 ml liquid LB medium 
supplemented with 25 μg/ml chloramphenicol and incubated overnight at 37°C with 220 
rpm shaking. Plasmids were isolated from the cultures with GeneJET plasmid miniprep kit 
(Thermo Fisher Scientific) and the inserts were PCR amplified with primers 5′-TAT GTT 
GCA TCA CCT TCA CC-3′ and 5′-ATG AAG GGC TTG ATG ACG-3′ that were 
designed to anneal to the vector adjacent to the cloning site. Reactions contained 12.5 µl 
DreamTaq green PCR master mix (Thermo Fisher Scientific, USA), 10 pmol from each 
primer, and 1 µl 100× diluted plasmid extract in 25 µl final volume. A touchdown protocol 
was used in a Bio-Rad My Cycler version 1.065 thermocycler (Bio-Rad, USA), with 95°C 
initial denaturation for 2 min followed by 30 cycles of denaturation at 95°C for 30 s, 
annealing for 30 s, and extension at 72°C for 5 min. The annealing temperature was lowered 
from 65°C to 55°C in the first ten cycles and kept at 55°C thereafter. The final extension 
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was 10 min at 72°C. The size of the PCR products was estimated with agarose gel 
electrophoresis by comparison to O’GeneRuler 1 kb plus DNA ladder (Thermo Fisher 
Scientific, USA). The average insert size was 530 bp and 840 bp in the 7,4′-dihydroxyflavone 
and naringenin libraries respectively. 
The degradation of 7,4′-dihydroxyflavone and naringenin in LB medium 
The promoter-trapping screens require the incubation of the clones in the presence 
of the compounds of interest, in our case 7,4′-dihydroxyflavone or naringenin. Therefore we 
tested if these flavonoids remain stable in LB–chloramphenicol medium long enough to 
perform the screens. The screens are conducted on plates with solid medium, but extraction 
of the flavonoids from solid medium is difficult, thus we used liquid LB–chloramphenicol 
medium to test the degradation of 7,4′-dihydroxyflavone and naringenin, and rely on the 
assumption that the chemistry should be similar in solid agar plates. 
Stock solutions of 7,4′-dihydroxyflavone (Indofine, USA) and naringenin (MP 
Biomedicals, USA) were prepared in methanol (HPLC grade, Thermo Fisher Scientific, 
USA) with 1 mg/ml concentration. 7,4′-Dihydroxyflavone required shaking with 100 rpm at 
28°C for 38 min to go into solution. Nine 125 ml glass bottles were prepared with 50 ml 
liquid LB medium, autoclaved and cooled to 55°C in a water bath before adding 
chloramphenicol in 25 μg/ml final concentration and flavonoid stock solution in 200 µM 
final flavonoid concentration. The bottles were handled in a sterile flow hood to exclude 
contamination. Three received 7,4′-dihydroxyflavone, three naringenin, and three controls 
received methanol instead of a flavonoid solution. The bottles were incubated in the dark, 
without shaking at room temperature for 40 minutes, then at 37°C for 48 hours, then at 
room temperature again for the rest of the experiment. 
From each bottle a 5.0 ml sample was taken immediately after mixing the flavonoid 
solution into the medium (day 0), and 24 (day 1), 48 (day 2), 72 (day 3), and 144 (day 6) 
hours thereafter. Samples were extracted three times with equal volume of ethyl-acetate 
(HPLC grade, Thermo Fisher Scientific, USA) using glass tubes and Pasteur-pipets. The 
three extracts from each sample were pooled and dried under airflow. Pellets were re-
suspended in 600 µl methanol, transferred to 5 ml glass vials and dried under airflow. Pellets 
were re-suspended again in 100 µl methanol, transferred to 1.5 ml test tubes and centrifuged 
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at 14,000 rpm for 5 min to remove solid particles. The liquid was transferred to HPLC vials 
with 200 µl glass inserts and stored at -20°C until use. 
The samples were analyzed with a Hewlett Packard HP6890 GC system. The 
capillary column was a HP-5MS (30 m long, 0.25 mm diameter, 0.25 µm film thickness).  
The temperature program was 5.0 min at 60°C, 10.0°C/min to 150°C, 15°C/min to 300°C, 
and 10 min at 300°C. Helium carrier gas was used at a flow rate of 1.8 ml/min. Injector and 
detector temperatures were both 250°C. One microliter of the methanol solution was 
directly injected. Data analysis was performed using MSD ChemStation D.01.02.16.  
Flavonoids were identified from their mass spectra by comparing their retention times with 
those of the 7,4′-dihydroxyflavone and naringenin stock solutions in methanol. 
The GC profiles of the control samples did not show any peak close to the retention 
times of 7,4′-dihydroxyflavone or naringenin. To express the degradation of 7,4′-
dihydroxyflavone and naringenin the relative areas of the flavonoid peaks in the GC profiles 
from the different sampling times were compared to the relative areas of the flavonoid peaks 
in the GC profiles from the day 0 extracts (Table A1.1). One naringenin replicate gave 
inconsistent results. This could be due to insufficient mixing of the flavonoid solution with 
the LB medium before the day 0 sample was taken. The results indicate that significant 
degradation of both flavonoids occur especially in the first 72 hours. Both flavonoids were 
still detectable however after six days of incubation. We could not identify degradation 
products of the flavonoids in the extracts. They may decompose to compounds that are not 
efficiently extracted with ethyl-acetate. We conclude that LB–chloramphenicol medium 
supplemented with 7,4′-dihydroxyflavone or naringenin can be used for screening the 
promoter-trapping libraries, but it has to be made fresh and the fluorescence of the clones 
has to be confirmed by overnight cultures on fresh plates to avoid false positive clones that 
show a signal due to a degradation product of 7,4′-dihydroxyflavone or naringenin instead of 
the flavonoid itself. 
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Table A1.1. Degradation of 7,4′-dihydroxyflavone and naringenin in liquid LB medium over 
time. 
 
Results are expressed as the percentage of the relative areas of the flavonoid peaks in the GC 
profiles from the different sampling times to the relative areas of the flavonoid peaks in the 
GC profiles from the day 0 extracts. 
Screening the promoter-trapping libraries 
The screening required LB–chloramphenicol agar plates supplemented with 7,4′-
dihydroxyflavone or naringenin, and control plates without flavonoids. Stock solutions of 
7,4′-dihydroxyflavone and naringenin were prepared in dimethyl sulfoxide and were added to 
the autoclaved medium after cooling it to 55°C in a water bath in 100 µM final flavonoid 
concentration. The medium for the control plates received equal amount of dimethyl 
sulfoxide. Aliquots of the 7,4′-dihydroxyflavone and naringenin libraries were thawed on ice, 
diluted in SOB medium and plated to LB–chloramphenicol agar plates supplemented with 
the corresponding flavonoids. Plates were incubated at 37°C in the dark for two days, and 
then screened under an Olympus MVX10 microscope to mark colonies showing green or 
red fluorescence. The plates were incubated further for three days at room temperature in 
the dark, and then screened again under the microscope to mark fluorescent colonies. 
Marked colonies were transferred to control plates and incubated at 37°C in the dark for two 
days. Following that, each of the clones were transferred to a control plate and a plate with 
7,4′-dihydroxyflavone or naringenin and incubated overnight at 37°C in the dark. 
Fluorescence of the colonies on the control and flavonoid amended plates were compared 
under the microscope, then the plates were incubated further at room temperature in the 
dark for two days and examined under the microscope again. Clones that showed green or 
red fluorescence on the plates with 7,4′-dihydroxyflavone or naringenin, but no, or 
significantly weaker fluorescence on the control plates were considered positive. 
replicate 1 replicate 2 replicate 3 replicate 1 replicate 2 replicate 3
1 67 71 75 136 82 57
2 50 66 54 108 56 38
3 40 40 39 136 67 51
6 27 14 30 101 66 39
7,4′-Dihydroxyflavone Naringenin
Time (day)
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From the 7,4′-dihydroxyflavone library we screened approximately 8620 clones, from 
which 236 clones showed green-, and 35 showed red fluorescence. Five clones showed both 
green and red fluorescence. From the naringenin library we screened approximately 15720 
clones, from which 487 clones showed green-, 60 showed red-, and five showed both green 
and red fluorescence. None of the fluorescent clones were positive. Considering the average 
insert sizes, the number of clones screened represents 4.57 Mbp from the 7,4′-
dihydroxyflavone library and 13.20 Mbp from the naringenin library. This would be enough 
to provide sufficient coverage of a genome of a single bacterial species, but soil contains a 
tremendous diversity of microbes, thus large libraries and extensive screening may be 
required to find genetic elements responding to the flavonoids even if they are common in 
the metagenome. 
Appendix 2: Collecting root exudates of Medicago truncatula seedlings 
This work was done in collaboration with Alison White-Monsant. 
Our goal was to collect root exudates solution from wild type (A17), ifs1, ifs2 (Douglas R. 
Cook unpublished), and DMI1 (Ané et al. 2014) Medicago truncatula seedlings to analyze their 
composition concentrating on flavonoids. 
Germination of M. truncatula seeds under sterile conditions 
Seeds were immersed in 5 ml cc. H2SO4 (Thermo Fisher Scientific, USA) in 50 ml 
polypropylene tubes for 8 min at room temperature. The acid was discarded and the seeds 
washed seven times with 50 ml distilled water, followed by surface sterilization in 10 ml 
commercial grade bleach for 3 min with occasional shaking. After the surface sterilization 
the seeds were handled in a sterile cabinet. The bleach was discarded and the seeds washed 
four times with 50 ml sterile distilled water. After the last wash, the tubes were filled with 50 
ml sterile distilled water and incubated with 100 rpm shaking at room temperature for 4 
hours. The sterile distilled water was replaced every hour. The tubes were then moved to 
4°C for overnight incubation, followed by 6 hours of further incubation at room 
temperature with 100 rpm shaking and replacing the sterile distilled water every hour. The 
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seeds were then transferred to sterile moist paper in Petri-dishes and allowed to germinate 
for 48 hours at room temperature in the dark. The Petri-dishes were sealed with parafilm 
and stacked in a close-to-vertical position for the incubation. 
Cultivation of M. truncatula seedlings under sterile conditions 
We cultivated the seedlings in sterile growth chambers made of two Magenta GA-7 
vessels (Sigma–Aldrich, USA) one inverted and connected to the other with a plastic 
connector piece (Figure A2.1). A hole was drilled into one side of the top vessel to allow the 
insertion of a 0.22 µm PES syringe filter (Chemglass Life Sciences, USA) for aeration. A 
plastic stand with holes of 5 mm supported by polypropylene legs approximately 3.5 cm tall 
was placed into each growth chamber. Growth chambers were autoclaved and filled with 
100 ± 0.08 ml growth medium before placing eight germinated seeds on the stand in each 
growth chamber with the radicals reaching through the holes into the growth medium. 
Growth chambers were handled in a sterile cabinet. Seedlings were thinned down to three 
seedlings per growth chamber for the ifs1 plants and seven seedlings for the other genotypes. 
Five growth chambers were set up for each of the four M. truncatula genotypes, plus four 
control growth chambers without seedlings. 
 
Figure A2.1. Growth chambers with M. truncatula seedlings. 
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The growth medium was a nutrient solution modified from Lullien et al. (1987): 520 
µM K as K2SO4, 125 µM Mg as MgSO4, 500 µM Ca as CaCl2, 25 µM EDTA as Na2EDTA, 
15 µM B as H3BO3, 5 µM Mn as MnSO4, 0.35 µM Zn as ZnSO4, 0.1 µM Cu as CuSO4, 0.5 
µM Mo as Na2MoO4, 0.02 µM Co as CoCl, 25 µM Fe as FeSO4, 1452 µM K2HPO4, 1298 µM 
KH2PO4, and 5000 µM N as NH4NO3. The pH was set to 6.5 with KOH. Every four days, 
the stands with the seedlings were removed from the growth chambers with sterile tweezers, 
the radicals were gently rinsed twice in distilled water and the stand was placed into a new 
growth chamber with fresh growth medium. Half-strength growth medium was used for the 
first 8 days of cultivation. The growth chambers were incubated on a rotary platform at 
room temperature with 60 rpm shaking for 4 weeks. Seedlings received light for 16 hours a 
day with 160 µM/m2s photon flux density. Two days before harvesting the nutrient solution 
for analysis of root exudates, N- and P-sources were omitted from the growth medium to 
impose N- and P-deficient conditions and thus promote exudation of biochemical signals, 
including flavonoids, aimed at the N-fixing bacterial symbionts. 
At the end of the cultivation seedlings were removed from the growth chambers. 
Shoots were separated from the roots 4 mm below the base of the cotyledons. Shoots and 
roots were then washed twice in distilled water, put in 15 ml polypropylene tubes, frozen in 
liquid nitrogen and stored at -80°C. The growth medium from each growth chamber was 
passed through a 0.22 µm filter, freeze dried and stored at -20°C. 
Screening for microbial contamination 
A cultivation based approach was applied to monitor bacterial contamination at 
every step of the experiment following the surface sterilization of the seeds. TY medium 
(DSMZ medium 1143 supplemented with 10 g/L agar) and a custom medium that we 
named R2A-L were used. R2A-L was designed to resemble the composition of the solution 
in the growth chambers and combined the complex carbon sources of the R2A medium 
(Reasoner and Geldreich 1985) with the growth medium modified from Lullien et al. (1987): 
0.5 g/L yeast extract, 0.5 g/L peptone, 0.5 g/L casamino acid, 0.5 g/L glucose, 0.5 g/L 
soluble starch, 0.3 g/L sodium-pyruvate, 15 g/L agar, 260 µM K2SO4, 62.5 µM MgSO4, 250 
µM CaCl2, 12,5 µM Na2EDTA, 7.5 µM H3BO3, 2.5 µM MnSO4, 0.175 µM ZnSO4, 0.05 µM 
CuSO4, 0.25 µM Na2MoO4, 0.01 µM CoCl, 12.5 µM FeSO4, 1.818 µM K2HPO4, 1.623 µM 
KH2PO4, 2500 µM NH4NO3. The pH was adjusted to 7 with KOH in both media. 
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Hundred μl aliquots from the rinse water after seed surface sterilization were plated 
on both media. The surfaces of germinated seedlings were sampled with sterile cotton swabs 
that were then rubbed on plates of both media. Hundred μl aliquots from the nutrient 
solution in the growth chambers were plated on both media every time before the solution 
was replaced. All plates were incubated at 28°C for two weeks. To enumerate the 
contaminating bacteria in each growth chamber at the end of the experiment, dilution series 
were prepared from the harvested solutions and 100 μl aliquots from each dilution step were 
plated on three plates of both media. After 8 days of incubation at 28°C colonies were 
counted and the results expressed as colony forming units (CFU) / ml. Plates that had less 
than 10 or more than 200 colonies were excluded from counting. 
Colonies on the plates that were used to count CFUs were categorized based on their 
morphology. Thirty seven colonies from R2A-L and 35 from TY plates were selected for 
identification to include at least six representatives from each morphotype and were isolated 
to obtain pure cultures. DNA was extracted from the obtained strains by suspending a 
colony in 50 μl sterile distilled water in a 1.5 ml test tube and microwaving for 90 seconds 
followed by 1 min centrifugation at 8000 g. The supernatant was cooled down on ice and 
immediately used as a DNA extract for 16S PCR. The 16S rRNA gene sequences were PCR 
amplified from the DNA extracts using universal primers (Integrated DNA Technologies, 
USA): 27f (5’-AGA-GTT-TGA-TCM-TGG-CTC-AG-3’) and 1492r (5’-GGY-TAC-CTT-
GTT-ACG-ACT-T-3’). Reactions contained 1.25 U Taq DNA polymerase, Taq buffer with 
(NH4)2SO4, dNTP (0.2 mM each), 2 mM MgCl2, 2 μg BSA (all reagents from Thermo Fisher 
Scientific, USA), 5 pmol from both primers, and 1 μl from a DNA extract in 25 μl final 
volume. Amplification was carried out in a Bio-Rad My Cycler version 1.065 thermocycler 
with 4 min initial denaturation at 95°C followed by 35 cycles of 30 seconds at 95°C, 30 
seconds at 55°C and 90 seconds at 72°C and a final extension for 10 minutes at 72°C. The 
size of the PCR products was confirmed by agarose gel electrophoresis. PCR products were 
purified with GenJET PCR clean-up kit (Thermo Fisher Scientific, USA). Absorbance at 260 
and 280 nm was measured three times from each purified PCR product with a Synergy HT 
microplate reader using a Take3 plate (BioTek Instruments, USA). DNA concentrations 
were calculated from the readings with Gen5 1.09 software (BioTek Instruments, USA). 
Partial 16S rDNA sequences were obtained from the 16S PCR products using BigDye 
Terminator v3.1 cycle sequencing kit (Life Technologies, USA). For each reaction 2 μl of the 
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BigDye Terminator v3.1 ready reaction mix were combined with 10 pmol 27f primer and 
100 ng of a purified PCR product. Reaction mixtures were supplemented with nuclease-free 
water to 10 μl final volume. A Bio-Rad My Cycler version 1.065 thermocycler was used for 
the reactions with 5 min initial denaturation at 95°C followed by 30 cycles of 15 seconds at 
95°C, 15 seconds at 50°C and 4 min at 60°C. Reaction products were purified with 
Agencourt CleanSEQ Kit (Beckman Coulter, USA). Capillary electrophoresis was carried out 
at the University of Kentucky Advanced Genetic Technologies Center in an ABI 3730 
genetic analyzer (Life Technologies, USA). Results were analyzed with DNASTAR Seq Man 
Pro version 9.1.0 (DNASTAR Inc., USA). Based on the obtained sequences the strains were 
identified using the EzTaxon-e platform (http://eztaxon-e.ezbiocloud.net/; Kim et al. 
2012). 
No contamination was detected in the control growth chambers throughout the 
experiment, but contamination was detected with both TY and R2A-L media in every other 
chamber 9–11 days after the plants were transplanted into them. Contaminating bacteria 
were enumerated in the final, harvested solutions (Table A2.1). No significant differences 
were detected between the plant genotypes using ANOVA on the log10-transformed results 
indicating that the bacterial abundance was similar in the growth chambers. CFU counts 
were higher from R2A-L medium than from the TY medium from every growth chamber. 
Colonies grew faster on R2A-L and we also found it easier to group them based on their 
morphologies. 
Table A2.1. Enumeration of contaminating bacteria from the harvested growth medium. 
 
Average ± SD log10 CFU/ml results obtained with R2A-L and TY media from the growth 
chambers of each plant type. 
ifs1 6.291 ± 0.0875 6.113 ± 0.2603
ifs2 6.482 ± 0.0701 6.322 ± 0.0845
DMI1 6.533 ± 0.2383 6.303 ± 0.2596
WT 6.367 ± 0.0771 6.220 ± 0.0875
lg CFU/ml
R2A-L TY
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Based on their morphologies, we grouped the colonies of the contaminating bacteria 
into three categories on R2A-L and also three on TY media. All of these morphotypes were 
present in samples from every growth chamber except the controls. The 16S rDNA 
sequences obtained from the 72 isolated strains aligned into three contigs that matched the 
three morphotypes both from the R2A-L and TY media with perfect match of the sequences 
over 910 bp, 809 bp and 928 bp long high quality regions. Based on these contigs, the closest 
relatives of the three morphotypes according to the EzTaxon-e database were identified as 
Ralstonia picketii ATCC27511, Leifsonia shinshuensis JMC10591 and Bradyrhizobium elkanii 
USDA76 or Bradyrhizobium pachyrhizi PAC48. 
Appendix 3: Collecting soil and soil solution from the rhizosphere of Medicago 
truncatula seedlings. 
The objective of this work was to compare the microbial community structure and root 
exudate composition in the rhizosphere of wild type (A17), ifs1, ifs2 (Douglas R. Cook 
unpublished), DMI1 (Ané et al. 2014), and sunn (Penmetsa et al. 2003) M. truncatula plants. 
Integrating the results from this work, from the experiment described in appendix 2, and 
from studies with rhizosphere model systems described in chapter 2 can provide insight into 
how the specific mutations to plant genes involved in plant–microbe symbioses result in 
altered flavonoid profile in the root exudates, and how these changes to the composition of 
root exudates shape the microbial community structure in the rhizosphere. 
Germinating seedlings 
Approximately 100 seeds from each of the five M. truncatula genotypes were 
germinated following the protocol described in appendix 2. 
Growth vessels and planting 
We used growth vessels very similar to the rhizosphere model systems described in 
chapter 2. The conical bottom part of 50 ml polypropylene tubes were cut off and replaced 
with plastic mesh to allow drainage. The side of the tubes was covered with aluminum foil to 
protect the contents from light. We used the same soil prepared the same way as described 
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in chapter 2. The tubes were filled with 60.0 g soil–sand mixture followed by adding 6.0 ml 
distilled water. Nine growth vessels were set up for each plant genotype: six for collecting 
rhizosphere soil (A-tubes) and three for collecting soil solution (B-tubes). Two rhizon soil 
moisture samplers (Rhizosphere Research Products, Netherlands) with 2 cm long porous 
parts were inserted horizontally into the soil in each B-tube through holes previously drilled 
into the wall of the tubes at the 30 ml and 37.5 ml marks on the side. Three seedlings were 
plated into each growth vessel, and the vessels received 4.5 ml watering solution after 
planting. The watering solution had the same composition as the growth medium described 
in appendix 2. 
Incubation 
The growth vessels were incubated in a Conviron Adaptis A1000 plant growth 
chamber (Controlled Environments, Canada) in 60% humidity with 14 hours of light (128.5–
182.5 µM/m2s photon flux density) at 23°C and 10 hours of darkens at 17°C per day. The 
growth vessels were placed on plastic trays and the trays were rearranged in the growth 
chamber every day. Growth vessels were randomly rearranged on the trays every second day. 
Growth vessels were watered daily with 3 ml 2× diluted watering solution in the first three 
days of incubation, and then with 1.5 ml until day 14. Starting at day 14 2 ml full-strength 
watering solution excluding N- and P-sources was used. At this time all plants had at least 
one fully developed mature leaf. The growth vessels were weighed every 48 hours and 
received distilled water as needed to maintain the same soil moisture content in all growth 
vessels. Leaves of each plant were counted and seedlings emerging from the seedbank of the 
soil were pulled out with tweezers every 24 hours. The incubation was terminated after 21 
days. At that time the first leaf of almost all plants were discolored or already lost, but 
mature leaves had shown no decay yet. 
Collecting rhizosphere soil samples 
The plastic mesh was removed from the bottom of the A-tubes and the soil column 
was pushed out. The top and bottom 1 cm of the soil column was discarded and the rest was 
collected in a Petri-dish. The soil was separated from the roots using sterile spatulas and 
tweezers and the soil was mixed, transferred to sterile plastic bags, frozen in liquid nitrogen 
and stored at -80°C. Roots and shoots of the seedlings were separated at the point where the 
76 
 
cotyledons emerged. Shoots were weighed fresh. Root nodules were counted, and then the 
roots were rinsed in distilled water to wash off adhering soil particles and weighed after 
drying at 75°C for four days. 
Collecting soil solution samples 
Before sampling, B-tubes received 5.0 ml distilled water. Five ml syringes were 
attached to the rhizon soil moisture samplers, and the plungers of the syringes were pulled 
out to the 5 ml mark and secured to apply suction. The collected soil solution samples were 
transferred to 15 ml polypropylene tubes, weighed, freeze dried and stored at -20°C. The 
plastic mesh was removed from the bottom of the tubes and the soil column was pushed out 
into a Petri-dish. The soil was separated from the roots using spatulas and tweezers and the 
shoots were separated from the roots at the point where the cotyledons emerged. Shoots 
were weighed fresh. Root nodules were counted, and then the roots were rinsed in distilled 
water to wash off adhering soil particles and weighed after drying at 75°C for four days. 
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